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Fluorescent conjugated polyelectrolytes (CPEs) display very interesting and useful 

properties. They are polymers with π-conjugated backbones which show strong 

absorption and high efficiencies in both photoluminescence and 

electroluminescence; further they contain ionic side groups to facilitate their water 

solubilization. These properties have been used to study interactions with 

biomolecules such as proteins and DNA, allowing to develop sensing platforms and 

bioimaging tools. In the present Thesis, we characterized two cationic CPEs, with 

different emission wavelength: blue-emitting HTMA-PFP and red-emitting HTMA-

PFNT, and we explored their potential use in biotechnological applications.  

For biomedical applications such as bioimaging, the preliminary condition is the 

dispersibility of CPEs in aqueous media. Therefore, in the first part of this Thesis, the 

behaviour of HTMA-PFP and HTMA-PFNT in aqueous solutions was explored. 

Afterwards, we investigated the interaction of these CPEs with anionic and 

zwitterionic model membranes in order to use them as fluorescent markers. This 

study showed that both types of CPEs have higher affinity and selectivity towards 

anionic lipids, which are the dominant lipid component in bacterial membranes. 

Taking into account these results, a study by mimicking the mammalian and bacterial 

membranes with different lipid mixtures was performed and the interaction of these 

CPEs with both model systems was explored. This study confirmed the selectivity of 

CPEs, especially HTMA-PFNT, towards bacterial model membranes. Preliminary 

experiments with living bacteria and mammalian cells supported these results, 

showing that in samples containing both types of cells, HTMA-PFNT only images the 
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bacterial cells. These results were a proof-of-concept of its use for selective 

recognition and imaging of bacteria. 

Moreover, we studied the ability of HTMA-PFP and HTMA-PFNT to form stable 

fluorescent nanostructures, and we explored their potential applications. Firstly, we 

investigated the interaction of HTMA-PFNT with two biological systems which are 

known to be used as nanocarriers: human serum albumin and lipid vesicles. Results 

showed the formation of red-emitting nanoparticles, preserving the biological 

functionality. The ability of these nanoparticles to carry hydrophobic and polar 

compounds was also checked, as well as, the capacity to be used as fluorescent 

probes for bioimaging. Results supported the potential use of these novel structures 

as multifunctional platforms for therapeutic and diagnostic purposes. Secondly, the 

complexation of blue-emitting HTMA-PFP with lipid vesicles was explored. The 

obtained nanoparticles were characterized and coupled to the enzyme Alkaline 

Phosphatase to develop a fluorescent biosensor for enzyme inhibitor determination. 

The components of the biosensor (nanoparticles and enzyme) were immobilized in a 

sol-gel matrix to facilitate its handling, allowing its reutilization. The biosensor was 

optimized for the determination of phosphate ion, a competitive inhibitor of the 

enzyme. 
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Los polielectrolitos conjugados fluorescentes (CPEs) presentan propiedades muy 

interesantes. Se trata de polímeros que poseen esqueletos con enlaces π-conjugados 

y que muestran altos coeficientes de extinción y un elevado rendimiento cuántico de 

fluorescencia. Además, poseen cadenas laterales que contienen grupos cargados 

para facilitar su solubilidad en medios acuosos. Estas propiedades pueden ser 

utilizadas para estudiar interacciones con biomoléculas, tales como proteínas y ADN, 

con objeto de desarrollar plataformas sensoriales y nuevas herramientas de 

bioimagen. En la presente Tesis se han caracterizado dos CPEs catiónicos que emiten 

en diferentes regiones espectrales: HTMA-PFP, con emisión en el azul, y HTMA-PFNT, 

que emite en el rojo. Además se han explorado sus posibles aplicaciones en el campo 

de la biotecnología.  

En aplicaciones biomédicas, como es la bioimagen, un requisito indispensable es la 

solubilidad del CPE en medio acuoso. Por ello, en la primera parte de esta Tesis se ha 

explorado el comportamiento de los dos polímeros, HTMA-PFP y HTMA-PFNT, en 

disolución acuosa. A continuación, se ha investigado la interacción de los CPEs con 

modelos de membrana formados por lípidos aniónicos y zwitteriónicos, con objeto 

de evaluar la capacidad de utilizar estos polielectrolitos como marcadores 

fluorescentes de membrana. Este estudio demostró que ambos compuestos 

presentan una mayor afinidad y selectividad hacia lípidos aniónicos, que son el 

componente mayoritario de las membranas bacterianas. Teniendo en cuenta este 

resultado, se llevó a cabo un estudio en el que se modelizaron membranas de 

mamífero y bacteriana con diferentes mezclas lipídicas y se exploró cómo 

interaccionan HTMA-PFP y HTMA-PFNT con estos sistemas. Dicho estudio confirmó 
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la preferencia de los CPEs, especialmente HTMA-PFNT, por los modelos bacterianos. 

Experimentos preliminares realizados con bacterias y células de mamífero 

soportaron estos resultados, mostrando que en muestras donde coexisten ambos 

tipos de células, HTMA-PFNT únicamente marca las células bacterianas. Este 

experimento evidencia la posible utilización de HTMA-PFNT como una herramienta 

para el diagnóstico y bioimagen de contaminación bacteriana. 

Además, se ha estudiado la capacidad de ambos polielectrolitos para formar 

nanoestructuras fluorescentes estables en medio acuoso y se han explorado sus 

aplicaciones. Por un lado, se investigó la interacción de HTMA-PFNT con dos sistemas 

biológicos utilizados frecuentemente como nanotransportadores: la proteína HSA y 

vesículas liposomales. Así, se obtuvieron nanopartículas que emiten en el rojo y que 

preservan las propiedades funcionales de los sistemas biológicos que las componen. 

Estas nanopartículas multifuncionales fueron capaces de transportar compuestos 

polares e hidrofóbicos y han podido ser utilizadas como sondas fluorescentes en 

bioimagen. Por otro lado, también se han obtenido nanopartículas fluorescentes que 

emiten en el azul, a través de la interacción del polielectrolito HTMA-PFP y vesículas 

liposomales aniónicas. Estas nanopartículas han sido caracterizadas en detalle y 

acopladas a la enzima fosfatasa alcalina, con objeto de desarrollar un biosensor para 

la determinación de inhibidores de esta enzima. Los componentes del biosensor 

(nanopartículas y enzimas) se han inmovilizado en una matriz sol-gel, para facilitar su 

manipulación y permitir su reutilización. El biosensor ha sido optimizado para la 

determinación de ion fosfato, un inhibidor competitivo de la enzima.  



 

 7 
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2.1. Conjugated Polyelectrolytes (CPEs) 

In 2000, The Nobel Prize in Chemistry was awarded to Alan J. Heeger, Alan G. 

MacDiarmid and Hideki Shirakawa for their discovery about polyacetylenes that can 

be made conductive almost like metals by “doping” with iodine vapour (Figure 2.1) 

[1,2]. Although polyacetylenes are not fluorescent polymers, this was the first step 

towards the development of the electroluminescent conjugated polymers (CPs) [3].  

As any other organic polymer, CPs are carbon-based macromolecules which are 

composed of repeating monomer units forming a chain, the backbone of the polymer 

[4]. However, the difference in how bonding takes place among the carbon atoms of 

the backbone is what it makes CPs unique. Unlike traditional saturated polymers such 

as polyethylene or polypropylene, CPs have an alternating sequence of single and 

double bonds along the backbone of the polymer chain, a π-conjugated system where 

electrons are effectively delocalized over the conjugation length of the polymer [5-

7]. It is precisely this alternating bond sequence that enables CPs to exhibit their 

unique optical and electronic properties. When a CP is illuminated at an appropriate 

wavelength, it can lead to the excitation of an electron to a higher energy level. This 

creates a bound electron-hole-pair on the polymer backbone named exciton. Also, 

electron delocalization facilitates rapid intra- and inter-chain exciton migration, 

conferring collective optical responses and amplified signals when compared to 

conventional fluorophores [8,9]. As a consequence, CPs show strong absorption and 

high efficiencies in both photoluminescence and electroluminescence and exhibit 

large Stokes shifts [10,11]. Due to these properties, they have received significant 
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attention over the last years as versatile active components in luminescent 

optoelectronic devices and fluorescent sensory materials [10-16]. Figure 2.1 shows 

some examples of CPs’ backbone structures [17], including polyacetylene (PA), 

poly(para-phenylene) (PPP) [18], poly(para-phenylene vinylene) (PPV) [14], 

poly(para-phenylene ethynylene) (PPE) [19], polythiophene (PT) [20], polypyrrole 

(PPy) [7], polyaniline (PANI) [21] and polyfluorene (PF) [22].   

 

Figure 2.1. Molecular structures of typical conjugated polymers [17]. 

One of the difficulties in working with CPs is their low solubility, especially in water, 

which reduces luminescence yields due to the formation of large visible aggregates 

that precipitate from the solution. This severely limits their biological and 

environmental applications [23]. Consequently, many efforts are being made in this 

direction to develop strategies to improve the poor aqueous solubility of these 

macromolecules [24,25]. A common strategy employed to increase aqueous 

solubility of CPs is based on the enhancement of the macromolecule polarity by 

appending hydrophilic side chains on the main chain of polymer [26-36]. Most of 

water-soluble conjugated polymers, named conjugated polyelectrolytes (CPEs), 
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possess pendant polar groups like carbohydrates or charged moieties such as 

carboxylate, sulfonate, phosphonate and ammonium. These ionic side-chains 

facilitate polymer solubilisation, and favour electrostatic interactions with species 

that contain opposite charge, which is of great interest in biological and 

environmental applications [17,23,37-44]. 

2.1.1. Polyfluorenes 

Among the CPs, those involving fluorene-based systems (Figure 2.1), named 

polyfluorenes (PF),  offer the advantage of high fluorescence quantum yields and 

photostability, blue emission (suitable for energy transfer experiments), excellent 

thermal stability and high chemical stability against oxidants, as well as good 

synthetic accessibility [41,45]. Polyfluorenes are the most outstanding conjugated 

polymers because of their use in a variety of polymer optoelectronic devices, such as 

light-emitting diodes (LEDs), organic photovoltaic devices (OPVs), field-effect 

transistors (FETs), chemical and biosensors, lasers, memories, and light-emitting 

electrochemical cells (LECs) [46-48]. Polyfluorene-based CPEs consist of a rigid 

hydrophobic polyfluorene backbone with flexible charged side chains and have 

unique properties such as facile substitution at the fluorene C9 position and good 

chemical and thermal stability [22]. It is possible to increase the processability of 

these CPEs by incorporating different ionic side-chain groups and by modifying the 

main chain by adding some other groups. Addition of ionic side-chain groups 

increases the solubility in polar solvents and water [49,50]. Besides, the modification 

of the main chain, by functionalization of the 2,7-positions of fluorene, induces 
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changes in photophysical properties of the fluorene backbone [43,51-54]. Normally, 

fluorene-based CPEs emit blue light, but researchers in the area are making 

significant efforts to shift the color to longer wavelengths. Color can be usually tuned 

by copolymerizing the fluorene monomers with other low-band-gap monomers or by 

incorporating monomers capable to conjugate with the fluorene ring to extend the 

conjugation length into the chain [55]. With these strategies, polyfluorenes emitting 

in the green and yellow region of visible spectrum have been successfully synthesized 

[56]. Synthesis of probes emitting in the red region is at present of great interest for 

in vivo fluorescence imaging studies because of minimum photodamage to biological 

samples, deep tissue penetration, and minimum interference from background 

autofluorescence by biomolecules in the living systems. However, despite the large 

amount of polyfluorenes and, in general, CPEs synthesized, bright red-emitters 

remain rare [57,58]. This is because the most widely used strategy to obtain these 

CPEs is  the  introduction  of  donor−acceptor  structures  in  the aroma c backbone, 

which increases the hydrophobic character of the polymer, favouring aggregation in 

aqueous media and therefore reducing the fluorescence quantum yield. For example, 

Huang et al. have recently synthesized a red emissive polyfluorene with very low 

cytotoxicity and excellent photostability that is employed for cell imaging, but it is 

found to aggregate in the aqueous environment of cell culture medium because of 

the relatively hydrophobic chain structure [59]. Several strategies are being carried 

out to increase the quantum yield of these red-probes, such as the incorporation of 

bulky pendants into the backbone or side chain to avoid compact aggregation, or the 

introduction of small amounts of narrow-band gap moieties as energy acceptors into 
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the backbone to facilitate intra- and interchain energy transfer in the aggregate state 

[57,60]. 

2.2. CPEs as Fluorescent Markers  

The  design  and  development  of  new  fluorescent  markers having high sensitivity 

to image cellular and physiological processes is of great interest in applications such 

as clinical diagnosis, identification of cancer cells, detection of pathogenic bacterial 

strains, immunofluorescent techniques, catalytic pathway monitoring, and drug 

delivery monitoring through membrane or cytoplasm [61-63]. Ideal membrane 

markers should be highly fluorescent, water-soluble, biocompatible, photostable, 

with maximum spatial resolution, and minimal perturbation to biological systems and 

composed of two structural components: a group with affinity for the membrane 

surface and a reporter group [23]. Most of the existing membrane fluorescent 

markers (generally small organic fluorophores and fluorescent proteins) exhibit 

interesting properties. For instance they can adapt to different experimental 

conditions and possess tunable optical properties. However, these fluorescent 

materials also show important limitations such as photobleaching, self-quenching, 

and chemical decomposition, which restrict their applications [64,65]. The most 

widely known alternative to overcome these restrictions is to use semiconductor-

based quantum dots (QDs), but the potential cytotoxicity risk associated with their 

heavy metal components, for instance cadmium, remains a major concern for the use 

of these nanoparticles in biological studies [66,67]. Recently, a new class of 
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fluorescent carbon nanomaterials, i.e. carbon quantum dots (CQDs), has been 

developed (Figure 2.2) [68]. These materials, which have been used for bacterial 

detection, possess the attractive properties showed by QDs with the added 

advantage of being biocompatible as well [69]. However, complex processes of 

passivation and anchoring of recognition molecules using expensive and, in 

occasions, toxic coupling agents, are currently indispensable in the functionalization 

of CQDs for selective targeting [70]. In addition, long incubation times are required 

before cell visualization when these materials are used [68]. Therefore, the 

improvement of synthesis methods for the biofunctionalization and development of 

new fluorescent markers continues to be a significant challenge. More recently, 

conjugated polyelectrolytes appear as alternative to fluorescent markers used in 

bioimaging as they overcome most of the limitations associated with these 

fluorescent materials, such as the photobleaching of organic dyes and fluorescent 

proteins or the cytotoxicity of quantum dots [37,41,71,72].  

 

Figure 2.2. A. Illustration of the assay used to label the bacteria with amphiphilic 

carbon dots; B. Multicolour fluorescence microscopy images of E. coli recorded at 

different excitation/emission pairs in blue, green, magenta and red. Scale bar 

corresponds to 5 μm [68].  

In general, CPEs are biocompatibles and biodegradables, and have easily amenable 

side chains for bioconjugation. In addition, their photophysical properties can be 
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feasibly customized through backbone and side-chain modifications. Conjugated with 

appropriate recognition elements, CPEs can be used as tracers, which can selectively 

accumulate in specific regions of the organism (tumors, inflamed areas, etc.) without 

risking cellular viability [23,41,58,73,74]. For instance, Zhu and colleagues have 

developed a new positively charged fluorescent conjugated polymer (PPV-1) for the 

detection of cell apoptosis [75]. The combination of the Oligo(ethylene glycol) side 

chains and half percentage of positively charges imparts PPV-1 the outstanding ability 

to differentiate apoptotic cells from normal cells (Figure 2.3).  

 

Figure 2.3. Microscopy images obtained for the detection of apoptosis in a simple, 

fluorescent label-free way by using PPV-1 [75].  

Many drugs, nanoparticles, and fluorescent dyes used in cellular imaging first interact 

with cells through their membrane. Interaction at a molecular level, of an 

extracellular particle with the plasma membrane needs to be understood to evaluate 

its potential activity. In this regard, the use of model lipid membrane systems that 

imitate the complexity of natural cell membranes are useful to study the interaction 

of such compounds in a controlled manner for predicting their interactions with real 

cell membranes as well as in the development of biotechnological applications. When 
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CPEs are directly added to cells for imaging analyses, they initially interact with their 

plasma membrane; therefore, a detailed knowing of how these polyelectrolytes 

insert into the membrane at a molecular level should be helpful to understand their 

activity, improving and expanding their applications, especially in bioimaging.  

To date, very few works have been carried out aiming to this goal. The Whitten group 

studied the interaction of a series of antimicrobial CPEs with different model 

membranes to gain insight into the mechanism of their biocidal activity [76-78]. Ngo 

and Cosa characterized the interaction of lipid vesicles with a negatively charged CPE 

in order to obtain well characterized lipid/polymer complexes, with potential 

applications as sensing systems [79,80]. Given the objective of these works, the 

polymer concentration used in most of the experiments was relatively high. However, 

the use of CPEs as probes for bioimaging and detection of membrane processes 

requires minimal perturbation of the sample being studied, and requieres lower 

polymer concentrations. In consequence, the interaction of small concentrations of 

CPEs with model lipid membranes, which imitate the complexity of natural cell 

membranes, would be explored in order to evaluate the potential use of these 

polyelectrolytes as fluorescent membrane markers. 

2.3. CPEs in Biosensing  

Over the past several years, the use of CPEs as sensors and biosensors has been the 

subject of considerable research interest. Numerous sensor systems based on these 
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polyelectrolytes have been developed for various analytes, including metal ions, 

biomolecules, proteins, enzymes and nucleic acids [17,39,81-94].  

In general, CPEs-based sensing systems work either in “turn-on” or “turn-off” modes 

[95]. In the “turn-on” mode, initially the fluorescence of the polyelectrolyte is low 

and the addition of the analyte recovers its fluorescence. In contrast, in the turn-off 

mode, the CPE is fluorescent and upon addition of the analyte, its fluorescence 

decreases (Figure 2.4).  

 

Figure 2.4. Illustration of the “turn-on” and “turn-off” mechanism of CPE-based 

sensors for protease activity [95].  

Most of the CPEs-based sensors use the fluorescence quenching of the 

polyelectrolyte as a tool to quantify the presence of the analyte and use one of the 

following quenching mechanisms: photoinduced electron transfer (PET), Förster 

Energy Transfer (FRET) and conformational change (including analyte-induced 
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aggregation quenching mechanism). Fluorescence quenching can be described as any 

decrease in fluorescence intensity of the fluorophore which may occur by a variety 

of process, including photobleaching, photo-oxidation, inner-filter effect or energy 

transfer [96]. The fluorescence quenching occurs mainly as either static or dynamic 

interaction mechanism, where the excited fluorophore returns to its ground state 

without emission of a photon. In static quenching, a non-fluorescent complex is 

formed between the quencher and fluorophore, and consequently, the quencher 

changes the absorption process as a perturbation of the spectrum. After excitation, 

the complex returns to its ground state immediately through non-radiative 

processes. On the other hand, dynamic quenching demands molecular contact 

between the quencher and excited fluorophore, and is limited by diffusion. The 

lifetime of the excited fluorophore is dependent on the quencher concentration. The 

dynamic quenching can only be observed as decrease in the intensity of the emission 

spectrum. 

Quenching is described by the Stern-Volmer equation [96]: 

I0
I

=1+ KSV[Q]      [2.1] 

where I0 and I stand, respectively, for the steady-state fluorescence intensities in the 

absence and in presence of quencher, and [Q] is the quencher concentration. The 

significance of KSV depends on the nature of the quenching process: it may represent 

the association constant for complex formation or the rate of dynamic quenching (KSV 

= kqτ0), where kq is the bimolecular rate constant of the quenching process, and τ0 

is the lifetime of the fluorophore. Dynamic or static quenching can be distinguished 
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by their unlike dependence on temperature and by the variations induced in the 

fluorescence lifetime or in the absorption spectrum of the fluorophore. For dynamic 

quenching, kq may be as high as 1010 M−1s−1 [97]. If kq is greater than this value, it 

usually indicates static dynamic quenching via a complexation between the 

fluorophore and the quencher. 

Due to the delocalized π-electrons, CPEs facilitate energy transfer over the 

polyelectrolyte chain and have special fluorescence quenching possibilities. Their 

repeating units turn them into long series of receptor sites which under right 

conditions can enhance a sensor signal (Figure 2.5). The association of an analyte to 

the receptor sites can totally quench the fluorescence emission, which is an 

advantage over small molecule based sensors, where only the interacting molecule 

is quenched. This phenomenon has been described by Swager and Zhou in 1995 as 

amplified fluorescence quenching [98,99].    

 

Figure 2.5. Schematic representation of amplified fluorescence quenching [100].  
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The amplified quenching, or superquenching, of CPEs upon binding to an opposite 

charge molecule is frequently used in the design of CPEs-based sensors or biosensors 

[11,17,101,102]. Whitten’s group was first to use this phenomenon for biosensing 

purposes [103]. They demonstrated that the fluorescence of an anionic 

polyelectrolyte MPS-PPV can be very efficiently quenched via photo-induced electron 

transfer mechanism (PET) by the positively charged acceptor methyl viologen [MV2+] 

(Figure 2.6). In this case, one [MV2+] molecule can quench 1000 repeat units, 

approximately equivalent to one whole polymer chain. The detection of a protein-

binding event is done by using a biotinylated methyl viologen (B-MV). B-MV 

quenched the emission of MPS-PPV although with lower efficiency than [MV2+]. 

However, upon addition of avidin, a reversal of the B-MV quenching is seen due to 

the strong affinity between biotin and avidin.  

 

Figure 2.6. Illustration of the detection of avidin using a conjugated polyelectrolyte 

via superquenching mechanism [103]. 

Fluorescence can also be quenched due to Förster resonance energy transfer (FRET) 

between the CPEs and fluorophore with absorption spectra overlapping the 

polyelectrolyte emission spectrum. FRET is a well-known photophysical process 

whereby a donor fluorophore, initially in its electronic excited state, may transfer 
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energy to an acceptor fluorophore through nonradiative dipole–dipole coupling [96]. 

The strong distance-dependence of FRET makes it highly effective for its use in CPE-

based biosensing. Changes in the distance between CPE and fluorophore can be easily 

correlated with the recognition events and subsequently converted into measurable 

fluorescence signals from both acceptor and donor emission intensities. Moreover, 

CPEs are natural high-performance energy donors because of their efficient light-

harvesting properties and high extinction coefficients, allowing an amplified 

fluorescence of energy acceptors to yield high sensitivity with low signal-to-noise 

ratio. In 2002, for the first time, CPE-based FRET assay was applied to a specific DNA 

detection [13]. The assay was based on the electrostatic interaction occurring 

between the fluorophore labelled DNA strand and the CPE. This CPE transfers its 

energy to the fluorophore and detects the DNA strand with a simple and highly 

sensitive way. 

In a recent work, Senthilkumar et al. used the FRET phenomenon to develop a 

fluorimetric assay for bilirubin detection [104]. Authors showed that the addition of 

bilirubin results in the fluorescence quenching of a water soluble polyfluorene (PF-

Ph-GlcA) emission with simultaneous appearance of bilirubin emission, exhibiting 

visual emission color change from blue to light green. The polymer remains stable in 

serum even under severe basic conditions and exhibits high selectivity with visual 

sensitivity only towards free bilirubin in the presence of some other interferences 

(Figure 2.7). 
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Figure 2.7. Schematic diagram of the mechanism used for FRET-induced sensing of 

bilirubin in human serum using PF-Ph-GlcA [104].   

2.4. Solubilization and Stabilization of CPEs 

As mentioned previously, in many CPEs-based applications, such as bioimaging and 

biosensing, a preliminary requisite is the solubility of the polymer in aqueous media. 

Although the incorporation of ionic side-chain groups contributes to water 

solubilization, many of these polyelectrolytes still have a strong tendency to 

aggregate. Many efforts are being addressed to develop strategies to overcome this 

important drawback, applicable to different type of CPEs. A strategy can be disruption 

of aggregates through the coupling with oppositely charged amphiphilic molecules, 

such as surfactants, forming stable complexes which lead to a large increase of the 

fluorescent quantum yields as well as to spectral changes [30,105-107]. In general, 

the effect of the interaction of the CPE with the surfactant is as follows: first, the 

surfactant induces the breaking of polymer aggregates, eliminating interchain 

quenching which competes with emissive intrachain exciton relaxation that reduces 
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the fluorescence quantum yield. Second, the surfactant induces changes to the 

polymer coil conformation, modifying the effective electron delocalization length, 

which leads to spectral shifts of the absorption and emission maxima (Figure 2.8) 

[107].  

 

 

Figure 2.8. a) The dynamics of photoluminescence (PL) of CPE upon addition of 

surfactants. The PL level at stage (i) is for pure cationic conjugated polymer emission 

in water, and (ii) is the point after the addition of surfactant. (iii) is the region that 

slowly increases in PL with time. (b) Schematic diagram of the mechanism that 

represents the predicted system constituents in the three stages [107]. 

Another strategy is to entrap the CPEs in porous materials. Recently, Evans et al. have 

encapsulated CPEs in a silica matrix [108]. Within this matrix, CPEs are caged and 
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retained in pores which protected them from aggregation being accessible to small 

molecules diffusing into the matrix. With this methodology, they obtained 

nanocomposites which have been used for solid-state sensors applications to detect 

nitroaromatic explosives. An alternative strategy to decrease the polymer intrinsic 

aggregation include encapsulating the hydrophobic backbone of the conjugated 

polymer with suitable macrocycles, such as cyclodextrins. It has been reported that 

the encapsulation of conjugated polymers by cyclodextrin derivatives prevents - 

interactions between the polymer chains, increasing water solubility and photo and 

electroluminescence efficiencies [24,109,110].   

Finally, another strategy may be to disrupt aggregations through the coupling with 

biological nanostructures with different functional properties [111-113]. The latter 

alternative has the advantage of not only increasing the fluorescence signal and 

stabilizing the polyelectrolyte in aqueous solution but also of obtaining nanoparticles 

which combine the properties of both constituents. Lipids have good surfactant 

properties, such as low toxicity and quick biodegradation, and they are also 

commercially available in a high state of purity [114,115]. In contact with water and 

under appropriate conditions, they can form cell-like structures known as liposomes, 

capable of solubilizing a wide variety of nonpolar compounds [116,117]. The inclusion 

of polymers (not the conjugated ones) in liposomes has been studied as a way to 

increase the  long-term  stability  of  the  liposomes,  increasing  their  applications  as  

drug  carriers [118]. However, the interaction of CPEs with liposomes as a way to 

disrupt aggregations has not been practically explored. This alternative could lead to 
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obtain multifunctional fluorescent nanoparticles that can be potentially used as drug 

carriers and bioimaging probes.   

2.5. The Cationic Polyfluorene HTMA-PFP   

The polyelectrolyte poly{[9,9-bis(6'-N,N,N-trimethylammonium) hexyl] fluorene-

phenylene} bromide (HTMA-PFP) is a cationic  polyfluorene  consisting of an 

hydrophobic backbone which incorporates a phenyl group on the fluorene ring, and 

alkyl side chains with cationic charged quaternary amines (Figure 2.9) [119,120]. Its 

synthesis, described in Mallavia et al., is summarized as follows: firstly the neutral 

polyfluorene poly-(9,9-bis(6’-bromohexyl)fluorenephenylene (P1) is obtained via 

Suzuki coupling reaction using 1,4-phenyldiboronic acid and 2,7-dibromo-9,9-bis(6′-

bromohexyl)fluorine, with Pd(II) as a catalyst. Then, this polymer is treated with gas-

phase trimethylamine to obtain the corresponding cationic polyelectrolyte, as is 

shown in Figure 2.9 [27].  

HTMA-PFP shows interesting absorption and fluorescence properties which depend 

on its conformational and aggregation state. It forms very tight aggregates of low 

fluorescence intensity in pure water, with chains coming together and forming an 

inner cylindrical core. Disruption of aggregates by interaction with surfactants leads 

to an increase in the fluorescence signal and a blue-shift in the emission spectrum 

[38,45,105]. HTMA-PFP is a good energy transfer donor for acceptors over a large 

part of the visible spectrum because of its high fluorescent quantum yield and blue 
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emission. Furthermore, it has also been shown to be an adequate energy acceptor 

from tryptophan residues in peptides and proteins [121,122].  

 

Figure 2.9. Schematic representation of the synthesis of HTMA-PFP. 

Due to the cationic groups, HTMA-PFP has been reported to show high affinity by 

anionic biomolecules such as DNA and human serum albumin (HSA) [38,121,123]. 

Interaction of the HTMA-PFP with single and double stranded DNA, varying both the 

polymer and DNA molecular weights was studied by Monteserin et al. [123]. Results 

showed that the DNA molar concentration can be easily estimated from the changes 

in the physical properties of the polymer (absorption, emission, electrical 

conductivity, viscosity) in an aqueous solution. Moreover, Martinez-Tome et al. 

confirmed the interaction between HTMA-PFP and HSA in aqueous solution through 

alterations in the absorption and fluorescence spectra of the polyelectrolyte and the 

quenching of the intrinsic fluorescence of the protein, which is predominantly due to 

static quenching and energy transfer mechanism between protein and polymer [121]. 
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Results suggest that polymer-protein complexes are formed with high affinity 

because of a combination of electrostatic interaction between the cationic side-

chains of HTMA-PFP and the negatively charged surface of the protein, as well as 

hydrophobic interactions between the conjugated polymer backbone and the 

hydrophobic patches of HSA. In addition, changes in the fluorescence properties were 

associated to conformational changes of the protein, suggesting the use of HTMA-

PFP to monitor molecular processes.  

Finally, HTMA-PFP is also an electron donor and this property can be used for sensing 

applications. In a previous work, it was shown that p-nitrophenol (PNP), an electron 

acceptor that absorbs at 400 nm in its anionic form, is able to quench the 

fluorescence intensity of HTMA-PFP, presumably via a combination of PET and FRET 

mechanisms [124,125]. Cao et al. used this behaviour to develop a fluorimetric assay 

in buffer for the screening of α-glucosidase inhibitors, taking into account that this 

enzyme catalyzes the hydrolysis of para-nitrophenyl-α-D-glucopyranoside to PNP 

(Figure 2.10).  

 

Figure 2.10. Illustration of the assay used to detect α-glucosidase inhibitors [124].    
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The main goal of this Thesis is focused on the characterization of two conjugated 

polyelectrolytes, blue-emitting HTMA-PFP and red-emitting HTMA-PFNT, searching 

their potential applications as fluorescent markers and sensing platforms. For this 

end, the following specific objectives are proposed:  

1. Study the solubility and stability of these CPEs in aqueous media that mimic 

physiological conditions. 

2. Analyse the interaction of HTMA-PFP and HTMA-PFNT with model lipid 

membrane systems that imitate natural cell membranes.  

3. Explore the ability of these CPEs to form fluorescent nanoparticles through their 

interaction with proteins and lipid vesicles.  

4. Evaluate possible biotechnological applications of HTMA-PFP, HTMA-PFNT and 

CPEs-based nanoparticles. 

4.1. CPEs as fluorescent membrane markers. 

4.2. CPEs for selective recognition and imaging of bacteria. 

4.3. CPEs-based nanoparticles in bioimaging, biosensing and as drug carriers. 
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4.1.  Materials  

4.1.1. Lipids 

 

Figure 4.1. Chemical structures of a) anionic, b) zwitterionic phospholipids and c) 

cholesterol.  
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The synthetic phospholipids 1,2-Diacyl-sn-glycero-3-phospho-(1-rac-glycerol) (PG), 

1,2-dioleoyl-sn-glycero-3- phospho-rac-(1-glycerol) sodium salt (DOPG), 1,2-

dimyristoyl-sn- glycero-3-phospho-rac-(1-glycerol) sodium salt (DMPG), 1,2-Dioleoyl-

sn-glycero-3-phosphocholine (DOPC), 1,2-Dimyristoyl- sn-glycero-3-phosphocholine 

(DMPC), 1,2-Dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), 1,2-Dioleoyl-sn-

glycero-3-phosphoetanolamine (DOPE), Cholesterol (Chol) and Cardiolipin sodium 

salt from bovine heart (CA) were from Sigma-Aldrich (Spain) and used as received 

(Figure 4.1).  

4.1.2. Proteins  

The Human Serum Albumin (HSA) and Bovine Alkaline Phosphatase (ALP) were from 

Sigma-Aldrich, and used without further purification (Figure 4.2). 

 

Figure 4.2. Secondary structures of HSA (pI = 4.7, MW = 66.6 kDa) and ALP (EC 

Number: 3.1.3.1, MW = 160 kDa, Optimum pH = 9.8).  



4. Materials and Methods 
 

 37 

4.1.3. Conjugated Polyelectrolytes  

The cationic CPEs HTMA-PFP (Mn[g/mol]=4170; Mw[g/mol]= 8340)  and HTMA-PFNT 

((Mn[g/mol]=4507; Mw[g/mol]= 8990), were obtained and characterized in our 

laboratory.  Briefly, stocks of the neutral polymers, poly[bis(6´-bromohexyl)fluorene-

phenylene] and copoly-{9,9-bis(6-bromohexyl)-2,7-fluorene-alt-1,4-(naphto[2,3c]-

1,2,5-thiadiazole)} were synthesized by Suzuki coupling reaction with Pd(II) as 

catalyst and treated with gas-phase trimethylamine to obtain the corresponding 

cationic CPEs HTMA-PFP and HTMA-PFNT, respectively [27,126,127]. Stock solutions 

of HTMA-PFP and HTMA-PFNT were prepared in DMSO, with final concentrations of 

3.65x10-4 M (in repeat units) and stored at -20°C before use (Figure 4.3). 

 

Figure 4.3. Chemical structures of HTMA-PFP and HTMA-PFNT. 
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4.1.4. Fluorescent Probes and Quenchers 

The fluorescent probes 5-butyl-4,4-difluoro-4-bora-3a,4a-diaza-s-indacene-3-

nonanoic acid (BODIPY 500/510 C4,C9) and 2-(4,4-difluoro-5-methyl-4-bora- 3a,4a-

diaza-s-indacene-3-dodecanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine 

(BODIPY-PC) were from Molecular Probes (Eugene, OR, USA). Stock solutions (1 mM) 

of these probes were prepared in ethanol and stored at −20 °C before use. The 

Rhodamine 6G was from Sigma-Aldrich, and was used without further purification. 

Fluorescent probes 5(6)-carboxyfluorescein (CF) and 1,6-diphenyl- 1,3,5-hexatriene 

(DPH) and quenchers 9,10-anthraquinone-2,6-disulfonic acid (AQS) and p-

nitrophenol (PNP) were obtained from Sigma-Aldrich (Spain) and dissolved in 

dimethyl sulfoxide (DMSO) (1.25 M), dimethylformamide (DMF) (1 mM),  water (5 

mM) and tris buffer 50 mM, pH 9 (5 mM), respectively, just before use (Figure 4.4). 

 

Figure 4.4. Chemical structures of the fluorescent probes and quenchers used.  
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4.1.5. Other Reactives 

The p-nitrophenyl phosphate (PNPP) and Tetraethyl orthosilicate (TEOS) were from 

Sigma-Aldrich (Spain) and used as received.  

All other compounds were of analytical and spectroscopic reagent grade (UVASOL, 

Merck). Sodium phosphate buffer (50 mM, 0.1 M NaCl, pH 7.3) and tris buffer (50 

mM, pH 9.2) were prepared with Milli-Q water.  

4.2. Instrumentation 

4.2.1. Absorption and Steady-State Fluorescence Measurements 

Absorption measurements were carried out using a UV-1603 spectrophotometer 

(Shimadzu, Tokyo, Japan).  QuantaMaster spectrofluorometer (PTI, Birmingham, NJ, 

USA) interfaced with a Peltier cell was used for fluorescence spectra and fluorescence 

intensity measurements. The samples were placed in 10 mm × 10 mm path length 

quartz cuvettes. Background intensities were always subtracted from the sample. All 

fluorescence spectra were corrected for variations in photomultiplier response over 

wavelength. Steady-state fluorescence anisotropy, ⟨r⟩, was obtained using Glan-

Thompson polarizers.  

4.2.2. Optical and Electronic Microscopy Measurements 

Fluorescence microscopy images of giant unilamellar vesicles, mammalian cells and 

bacteria were recorded using two different microscopes. First, a Nikon Eclipse 
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TE2000-U inverted microscope equipped with a Nikon Digital Sight DS-1QM/H and 

Nikon Digital Camera DXM1200 was used. UV excitation (340 nm ≤ λex ≤380 nm) and 

blue emission (435 nm ≤ λem ≤485 nm) was filtered using a DAPI filter cube. Data 

acquisition was monitored successively by manual format and data processing with 

NIS-Elements AR 2.30 software. And second, we used a Leica DMI 3000B inverted 

microscope equipped with a Leica EL6000 compact light source and a Leica digital 

camera DFC3000G. The imaging was performed by using a 63× objective with 0.7 

magnification and DsRed filter (Ex BP 555/25, Em BP 620/ 60). Data acquisition was 

monitored by manually formatting and processing with Leica Application Suite 

AF6000 Module Systems.  

Transmission electron microscopy (TEM) measurements were performed by using a 

Jeol 1011 microscope (Jeol, Japan), operating at 80 kV. Samples were prepared by 

placing a drop of the sample on to the 300-mesh copper grip coated with carbon film, 

and after staining with uranyl acetate and lead citrate, they were left to air-dry before 

being placed under the microscope. Images were recorded with a Gatan Erlangshen 

ES500W camera. 

4.2.3. Dynamic Light Scattering (DLS) 

The size of different nanostructures was explored by using DLS techniques with two 

different equipment. First, we used a Malvern Zetasizer Nano-ZS instrument, 

equipped with a monochromatic coherent 4mW Helium Neon laser (λ = 633 nm) as 

light source, with a 173° scattering angle of lecture for size measurements. And 



4. Materials and Methods 
 

 41 

second, we used a Brookhaven 90 Plus Nanoparticle Size Analyzer instrument, 

equipped with a 35 mW red diode laser (λ = 640 nm) as light source, with a 90° 

scattering angle. The buffer used for the samples was previously filtered with a 

cellulose acetate membrane filter with a 200 nm pore size.  All measurements were 

performed in disposable cuvettes, in triplicate. 

4.2.4. Circular Dichroism (CD) 

CD measurements of proteins were carried out with a Jasco spectropolarimeter, 

model J-815 (JASCO, Easton, MD). Spectra were collected with a scan speed of 50 nm 

per min, response time of 4 s, and a bandwidth of 1 nm. For each spectrum, 4 scans 

were accumulated and averaged to improve the signal-to-noise ratio. Spectra were 

recorded from 260 to 197 nm. 0.1 cm quartz cells (Hellma GmbH & Co) were used for 

these studies. A baseline was taken under the same conditions as those used for the 

sample and subtracted from each spectrum. 

4.2.5. Differential Scanning Calorimetry (DSC) 

DSC experiments for lipid phase transitions were performed in a high-resolution 

Microcal MC-2 differential scanning microcalorimeter (Malvern Instruments Ltd, 

England) under a constant external pressure of 30 psi in order to avoid bubble 

formation. The excess heat capacity functions were analyzed using Origin 7.0 

(Microcal Software). Differences in the heat capacity between the sample and the 

reference cell were obtained by raising the temperature in the absence and presence 
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of the polymers. A series of three consecutive scans of the same sample were 

performed to ensure scan-to-scan reproducibility and reversibility. 

4.3. Methodology  

4.3.1. Lipid Systems 

4.3.1.1.  Description  

Biological membranes are essential boundaries within the living cell. Plasma 

membranes separate the interior of the cell from the environment and participate in 

intercellular communication. These biomembranes are mainly composed of lipids 

and proteins [128-130] (Figure 4.5). Even though the lipid composition of the 

biomembranes is complicated, common biological membranes are primarily 

constructed by using phospholipids [131-134].   

 

Figure 4.5. The fluid mosaic model of the cell membrane structure [128].  
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The most important property of a biological membrane is its electrical charge and the 

difference in potential drop between the membrane and the surrounding solution. 

The plasma membrane of healthy mammalian cells has an asymmetric distribution of 

phospholipids. The membrane outer leaflet is composed primarily of the zwitterionic 

phospholipids, phosphatidylcholine, and sphingomyelin, and cholesterol [135]. 

Therefore, the exterior membrane surface is close to a neutral charge. On the other 

hand, regarding the phospholipid composition of the Gram-negative bacteria 

membranes (using E. coli as a model), it has been seen that both the cytoplasmic 

membrane and the outer membrane are mainly composed of 

phosphatidylethanolamine (~70%), phosphatidylglycerol (~20%) and cardiolipin 

(~10%) [136]. Besides the high anionic phospholipid content of both membranes, the 

external face of the outer membrane also contains a high percentage of 

lipopolysaccharides which are negatively charged. Therefore, by varying the lipid 

composition, it is possible to mimic different types of cell membranes by using model 

membranes such as liposomes.  

Liposomes, versatile tools in biology, biochemistry and medicine, are vesicles 

artificially prepared with phospholipids of nanometric size (although some of them 

can have higher sizes) and have approximately spherical shape with an internal 

aqueous phase surrounded by one or more lipid bilayers. They form spontaneously 

when lipids are in contact with water due to their amphipathic structure, with a 

hydrophobic tail and a polar head group (Figure 4.6) [116,117].  



4. Materials and Methods 
 

 44 

 

Figure 4.6. Schematic representation of liposomes, lipid bilayer and phospholipids. 

Liposomes have been widely used as models of biological membranes or drug 

carriers, as their basic properties can easily be modified (for instance, by varying the 

lipid composition, concentration, water content and lamellarity). In these studies, 

one must characterize the pure liposomes as well as their mixtures with other 

molecules (proteins, peptides, drugs) to determine the influence of the added 

component on the liposome phase behavior. Lipids undergo a phase transition 

around a critical temperature. For homogeneous membranes, where all the lipids are 

identical, this temperature is known as the melting temperature, Tm, of the lipid. The 

phase transition temperature is defined as the temperature required to induce a 

change in the lipid physical state from the ordered gel phase, where the hydrocarbon 

chains are fully extended and closely packed to the disordered liquid crystalline 

phase, where the hydrocarbon chains are randomly oriented and fluid (Figure 4.7) 

[137,138].  
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Figure 4.7. a) Changes observed for lipid bilayers in fluid and gel phase. b) Table 

shows lipid phase transition temperatures for the phospholipids used. 

In response to the structural characteristics, in particular the number of bilayers and 

their size, the liposomes can be categorized as follows (Figure 4.8);  

-Multilamellar Large Vesicles (MLVs): These structures can be formed by 

resuspending dried phospholipids in an aqueous solution, to the required final 

concentration, after agitation for several minutes [139]. MLVs are organized in 

concentric lipid bilayers with diameters ranging from 200 to 5000 nm and may 

contain 7 to 10 internal lipid bilayers. Unfortunately, their use as a model for lipid 

interaction with external agents is limited, since only a small percentage (10-15%) 

of all phospholipids are in the outermost bilayer. Also, their high turbidity limits 

their use in optical techniques. 
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Figure 4.8. Schematic representation of various types of liposomes represented 

depending on their structural characteristics.  

-Small Unilamellar Vesicles (SUVs): They can be obtained by the ultrasonication of 

MLVs. SUVs are composed of a single lipid bilayer with diameter between 20 and 

50 nm [140].   

-Large Unilamellar Vesicles (LUVs): They are composed of a single lipid bilayer 

with a diameter range of 50-500 nm. To obtain these structures, various methods 

may apply to suspension of phospholipids such as detergent dialysis, extrusion 

with French press or polycarbonate filters, Ca2+ induced SUVs fusion and reverse 

evaporation of organic solvent [141-144]. Among them, the most used 
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methodology is pressure extrusion through polycarbonate filters with the 

required pore size.  

-Giant Unilamellar Vesicles (GUVs): These are the largest of all unilamellar 

vesicles, which are suitable for optical microscopy, with diameter in the range of 

~10–100 μm. They can be prepared by two different methods: electroformation 

and gentle hydration [145]. The electroformation with Indium Tin Oxide (ITO)-

coated or titanium microscope slides gives high yield of GUVs, however the 

electrolysis can produce toxic by-products. Generally, this method is used for the 

formation of pure zwitterionic GUVs. However, the variation of the voltage and 

frequency may enable the GUV formation from the phospholipid mixtures 

containing negatively charged lipids. On the other hand, the gentle hydration 

method requires a few percentage of a negatively-charged lipid, and the yield of 

GUVs is variable and sometimes low. 

4.3.1.2.  Preparation  

In the present Thesis, we used mainly LUVs and GUVs composed of different types of 

lipids and their preparation is described in detail, as follows; 

For the preparation of the LUVs, chloroform/methanol solutions containing 3 mg of 

total phospholipid were dried first by evaporation under dry nitrogen gas stream and 

subsequently under vacuum for 3 h. MLVs were formed by resuspending the dried 

phospholipids in the buffer to the required final concentration. The vesicle 

suspension was then heated at a temperature above the phospholipid phase 
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transition and vortexed several times. LUVs were prepared from these MLVs by 

pressure extrusion through 0.1 μm polycarbonate filters.  

For the GUVs preparation, the electroformation and the gentle hydration methods 

were performed. For the electroformation method, we used custom made Pt 

electrode-containing Teflon chambers. In summary, 1.2 μL of a 1 mM lipid solution in 

chloroform was spread on each side of the Pt electrode. Removal of organic solvent 

traces was carried out by vacuum dehydration. Afterwards, the dried electrodes were 

hydrated with 450 μL of a 200 mM sucrose solution in Milli-Q purified water. 

Subsequently, 7 V and 10 Hz frequency signals were applied for 2 h, followed by 1 Hz 

frequency signal for 30 min. After the GUV formation, the sample was collected from 

the chambers and transferred to the wells of a micro-slide plastic plate in which 

approximately 500 μL of preparation were deposited. To better observe the GUVs 

under the microscope, 400 μL of a 200 mM glucose solution was previously added to 

the wells in order to settle the 50 μL of GUVs to the bottom of the chamber. Samples 

were preserved for 2 h at 10 °C before microscopic visualization. 

For the gentle hydration method, desired phospholipids were dissolved in chloroform 

at 5 mM final concentration. 10 µL of the solution was dropped on a microscope slide, 

which was previously washed with alcohol and dried. This sample was dried at room 

temperature for a few seconds and was subsequently left under vacuum for 2 h. 

Afterwards, the lipid film was hydrated with 15 μL of required buffer in a humid 

chamber overnight. To observe the liposomes at the fluorescence microscopy, 400 

μL of buffer was added and left for 2 h to continue the hydration. 
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In this Thesis, vesicles having different dimensions were prepared from pure lipids as 

DOPC, DMPC, etc., as well as from lipid mixtures to mimic mammalian and bacterial 

membranes (Table 4.1).  

 

Table 4.1. Lipid content of model biomembranes (LUVs and GUVs) used in the present 

Thesis. 

4.3.2. Fluorescence Methodologies  

Emission of the light from any substance is called luminescence, and occurs from 

electronically excited states. Depending on the nature of the excited state, 

luminescence is divided into two categories, fluorescence and phosphorescence 

(Figure 4.9). Once a molecule arrives at the lowest vibrational level of an excited 

singlet state, it returns to the ground state by photon emission. This process is called 

fluorescence. The emission rates of fluorescence are typically 10-8 s–1  [96]. Unlike 

fluorescence, a phosphorescent material does not immediately re-emit the radiation 

it absorbs. Phosphorescence is the emission of light from the triplet excited state, 

where transitions to the ground state are forbidden and the emission rates are slow 

(10-3-10 s-1).  
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Figure 4.9. Jablonski diagram illustrates some possible excitation and relaxation 

pathways from the singlet ground state (S0) and first excited state (S1) and the triplet 

state (T1). 

Fluorescence typically occurs from molecules with conjugated bonds, which are 

called fluorophores [96]. When a set of fluorophores is excited with a radiation of 

constant energy, they all emit photons at different frequencies. These frequencies 

arrange to form the fluorescence emission spectra.  

Fundamental parameters commonly used in describing and comparing fluorophores 

are the extinction coefficient (ε) and quantum yield (Φ). The extinction coefficient 

(eq. 4.1) is the capacity for light absorption at a specific wavelength and is calculated 

as;  

A = ε. c. l     [4.1] 

where, A is the absorbance at a particular wavelength, c is the concentration of the 

fluorophore in a cuvette and l is the path length of the cuvette. A high extinction 
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coefficient also indicates that a fluorophore has a high probability of fluorescence 

emission. 

Quantum yield (ɸ) is a tool for measuring the efficiency of fluorescence emission 

relative to all of the possible pathways for relaxation and is generally expressed as 

the ratio of photons emitted to the number of photons absorbed. A high quantum 

yield is desirable in most imaging applications.  

The ɸF of a fluorophore (F) is determined relative to a reference compound (S). If the 

same excitation wavelength, gain and slit bandwidths are applied for the two samples 

then the ɸF is calculated as; 

ɸ = ɸ ×   ×    x ɳ
ɳ

    [4.2] 

where ɸS is the quantum yield of the reference compound; ɳ is the refractive index 

of the solvent; I is the integrated fluorescence intensity; and A is the absorbance at 

the excitation wavelength. Absorbances at the wavelength of excitation are optimally 

kept in between A = 0.02-0.05 in order to avoid inner filter effects and ensure linear 

response on the intensity. 

In the present Thesis, we took advantage of the versatility of the fluorescence 

technique and we used it as a tool to characterize the CPEs. Below, they are 

summarized as follows; 

-Determination of Partition Coefficient (KP) between lipid and aqueous phase 

The affinity of the conjugated polyelectrolytes for the lipid membranes was 

estimated, at low lipid concentrations, by the following equation; 
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∆I = ∆  [ ]
[ ]

     [4.3] 

where KP is the phospholipid/water partition coefficient of the polymer, ΔI (ΔI = 

I − I0) stands for the difference between the fluorescence intensity of the CPE 

measured in the presence (I) and in the absence (I0) of the phospholipid vesicles, 

ΔImax = I∞ − I0 is the maximum value of this difference once the limiting value is 

reached (I∞) upon increasing the phospholipid concentration [L], and γ is the 

molar volume of the phospholipid (for anionic and zwitterionic phospholipids in 

the fluid phase, the value of γ is 0.7 M−1 and 0.9 M-1, respectively) [146-148]. 

The KP value can be obtained from a two parameter (ΔImax and KP) fitting 

process. In short, the higher the KP value, the greater the affinity of the 

polyelectrolyte for lipid vesicles. 

-Incorporation Kinetics 

Fluorene-based polymers, such as HTMA-PFP, are particularly attractive as energy 

donors in Förster energy transfer (FRET) because of their high fluorescent 

quantum yields and blue emission [122]. This property was used to explore the 

incorporation kinetics of HTMA-PFP into the lipid bilayer.  

This kinetics was monitored as a function of time recording the increase produced 

in the fluorescence intensity of an acceptor chromophore previously incorporated 

in the membrane, after the excitation at the polymer absorption wavelength. The 

acceptor used was a BODIPY-PC which absorbs where the HTMA-PFP emits.  

-Location of the CPEs in the Lipid Membrane 
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In order to study the location of the CPEs in the lipid bilayer, quenching 

experiments were carried out using the anionic electron acceptor 9,10-

anthraquinone-2,6-disulfonic acid (AQS) as a fluorescence quencher. This 

molecule has been reported to be an excellent quencher for cationic conjugated 

polyelectrolytes and is soluble in water, but not in lipid membranes [149,150]. 

Stern-Volmer plots were used to determine the location of the CPEs in the 

different lipid systems. If the CPE is incorporated into lipid vesicles and is 

embedded into the lipid bilayer, AQS is not capable to quench the fluorescence of 

the CPE and a low value of KSV is determined. On contrary, if it remains close, or 

at the surface of the bilayer and not within the hydrophobic core, a decrease in 

fluorescence intensity occurs, and a high value of KSV is obtained.   

-Membrane Leakage Induced by CPEs 

The integrity of the membranes was confirmed by monitoring the induced release 

of the fluorescent probe carboxifluorescein (CF) from lipid vesicles in the presence 

of the CPEs. When this fluorophore is encapsulated at high concentration  in  the  

aqueous  cavity  of  liposomes, its fluorescence  decreases  by  an  autoquenching  

process [151,152]. If the vesicle membrane is perturbed by the incorporation of 

polyelectrolyte, the trapped CF is released and its fluorescence increases after its 

dilution in the buffer. To have a positive control, the total rupture of the vesicles 

and release of CF was performed with Triton X-100 10%. 
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-Phase Transition Detection 

One of the strategies to study the effect of the polyelectrolyte interaction on the 

physical state of a lipid bilayer is to explore how it affects to the lipid phase 

transition. This study can be addressed measuring the steady-state fluorescence 

anisotropy (<r>) of an extrinsic fluorescent probe in presence of the CPEs. This 

parameter quantifies the fluorescence polarization degree and reflects the 

rotational mobility of the probe and therefore, the environmental restrictions 

[96]. 

Steady state anisotropy, defined by eq 4.4 

< r > =  
 

     [4.4] 

was obtained by measuring the vertical and horizontal polarized components of 

the fluorescence emission with excitation vertical and horizontal to the emission 

axis. The G factor (G= IHV/ IHH) corrects for the transmissivity bias introduced by 

the detection system. 

For pure phospholipids, the characteristic shape of the plot is sinusoidal with a 

sharp transition of anisotropy values in a short-range of temperatures, in which 

the average value correspond to Tm. Thus, the plot provides an accurate 

determination of the Tm value, which is strongly dependent on the natural 

dynamic motions of the bilayer and, hence, can be correlated with the structural 

integrity of the lipid bilayer.  



4. Materials and Methods 
 

 55 

4.3.3. Sol-gel Immobilization 

4.3.3.1. Description 

The sol-gel process is a liquid-phase method of preparing monoliths, glasses, 

ceramics, fibers and powders at room temperature (Figure 4.10) [153]. This 

technique has been used to produce new porous nanomaterials. The main advantage 

of this process over other immobilization methods is its easiness to obtain materials 

with targeted properties, by modifying the microstructure through the process 

parameters, such as the choice of the precursor, its concentration, pH value, 

temperature and solvent. Silica sol-gel materials have been shown to form excellent 

media for immobilization of proteins and other biological macromolecules [154-156]. 

Following a reaction of hydrolysis and polycondensation of alcoxide precursors, the 

proteins are individually caged and retained in pores having 2 to 10 nm size.  The last 

decade, has seen a great deal of progress in the encapsulation of these biomolecules 

in sol-gel matrices by modifying older conventional procedures. The entrapped 

biomolecule usually maintains its structural integrity and functionality, being 

accessible to small molecules diffusing into the matrix, all of which enable 

applications in biosensors and biotechnology [157]. 
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Figure 4.10. Schematic representation of sol-gel processing routes.  

4.3.3.2. Preparation 

In the present Thesis, we have used the sol-gel technique to immobilize the 

components of a novel biosensor (Alkaline Phosphatase enzyme (ALP) and 

fluorescent nanoparticles (NPs)) and their preparation based in the free alcohol route 

[158] is described, in detail, in the next paragraph:  

Silica sol stock solution was prepared by mixing 4.46 mL of the precursor TEOS, 1.44 

mL of H2O and 40 µL of HCl (0.62 M). The mixture was stirred regularly for 1 h in a 

closed vessel at room temperature (this stock can be stored at -20°C for 4 days) 

(Figure 4.11). Before the immobilization of the samples, silica stock solution was 

diluted with distilled water 1:1 (V:V). After, rotaevoporated for a weight loss of 0.62 

g, which corresponds to the weight of free ethanol. Immobilized samples were 

prepared by mixing 700 µL of ethanol-free sol solution with 700 µL of buffered sample 
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which was containing the desired component to be immobilized, in an ice-cooled 

polystyrene cuvette. The freshly formed monoliths having a size of ~9 x 9 x 12 mm 

were aged during 48 h, washed with buffer every 24 h, and the cuvettes were sealed 

with parafilm and stored in dark at 4°C.   

 

Figure 4.11. Schematic representation of the immobilization of biomolecules in 

transparent sol-gel matrices.  
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5.1. HTMA-PFP and HTMA-PFNT in Buffer  

Find below a summary of results reported in Publications 8.1 and 8.3, together 

with their discussion (Chapter 8). 

Our group has previously synthesized a blue-emitting cationic polyfluorene, HTMA-

PFP (Chapter 4, Figure 4.3, page 37), which was discussed in section 2.5 (Chapter 2) 

of this Thesis. This CPE contains fluorene and phenyl units in its backbone, and side-

chains with quaternary ammonium groups. Due to these cationic groups, HTMA-PFP 

has been reported to show high affinity by anionic biomolecules such as DNA and 

human serum albumin (HSA), which can be monitored from changes in its absorption 

and intrinsic fluorescence [38,121]. To shift the color of the polyfluorene to longer 

wavelengths, our group has also recently synthesized a new cationic polyfluorene, 

HTMA-PFNT, which emits in the red spectral region. This new polyelectrolyte 

incorporates the chromophore naphtha[2,3c][1,2,5] thiadiazole (NTD) on the 

fluorene ring, extending the conjugation length in the polymer backbone and 

increasing the bathochromic emission (Chapter 4, Figure 4.3, page 37). Both 

polyelectrolytes, HTMA-PFP and HTMA-PFNT have been carefully characterized in 

this Thesis to explore their potential biotechnological applications in bioimaging and 

biosensing. 

As was mentioned previously in Chapter 2, the solubility of CPEs in aqueous media is 

required in biomedical applications. For this reason, we decided to study the 

behaviour of HTMA-PFP and HTMA-PFNT in phosphate buffer, 0.1 M NaCl (pH 7.3) in 

an attempt to mimic physiological conditions. Results were compared with those 
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found in “good” solvents and are shown in Figure 5.1 and Table 5.1. Fluorescence 

spectra recorded in buffer were red-shifted with respect to those recorded in the 

organic solvents. This effect was accompanied by a slight decrease in the absorbance 

and a significant drop of the fluorescence quantum-yield for both polyelectrolytes, 

especially for HTMA-PFNT which has a higher hydrophobic character. These results 

suggest that, once in contact with buffer, CPEs self-assemble into aggregates. This 

aggregation is dominated by interchain hydrophobic interactions, which lead to lower 

emission intensities (self-quenching). The formation of aggregates was supported by 

DLS experiments (Table 1 of Publication 8.1 and Table 2 of Publication 8.3). Results 

confirm that when CPEs are added to the buffer, nanoaggregates are rapidly formed. 

The average size of these aggregates was time-dependent for both polyelectrolytes, 

by multiplying their size by 4 times, and consequently reducing their fluorescence 

intensity. Such effects could be explained by the existence of nonspecific electrostatic 

interactions between the initially formed aggregates and the anionic species 

contained in the buffer solution. These interactions yield neutral complexes which, 

upon charge neutralization, exhibit lower solubility, leading to the formation of larger 

aggregates.  
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Figure 5.1. a) Normalized absorbance and b) fluorescence emission spectra of HTMA-

PFP in buffer (blue line) and 60:40 (v/v) 2-propanol:water (dash). c) Normalized 

absorbance and d) fluorescence emission spectra of HTMA-PFNT in buffer (red line) 

and ethanol (dash). 

 

 

Table 5.1. Wavelength corresponding to maximum of the emission spectrum (λmax) 

and fluorescence quantum yield (Φ) of HTMA-PFP and HTMA-PFNT in buffer and 

good solvents (60:40 (v/v) 2-propanol:water for HTMA-PFP and ethanol for HTMA-

PFNT).  
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5.2. CPEs as Fluorescent Membrane Markers 

Once HTMA-PFP and HTMA-PFNT were characterized in buffer, their potential use as 

fluorescent membrane markers was explored using model membranes of anionic and 

zwitterionic lipids. In the following sections, results corresponding to the different 

CPEs are described separately.  

5.2.1. HTMA-PFP in Model Membranes  

Find below a summary of results reported in Publications 8.1 and 8.2, together 

with their discussion (Chapter 8). 

5.2.1.1. HTMA-PFP in Anionic Lipid Membranes 

The interaction of HTMA-PFP with anionic vesicles was explored from changes 

occurring in its photophysical properties (Figure 5.2). A strong increase in the 

fluorescence intensity and a blue-shift of the emission spectrum was observed in the 

presence of low concentrations of anionic vesicles as compared to buffer. This result 

suggests that the interaction of HTMA-PFP with the lipid bilayer induces the breaking 

of aggregates, eliminating interchain quenching and increasing its fluorescence 

quantum yield. The partition coefficient, KP, of HTMA-PFP between the lipid and 

aqueous phase was determined as was described in the section 4.3.2. of this Thesis. 

A value of KP = 2.9 ± 1.3 x 105 was obtained which indicates a very high affinity of the 

polymer for the anionic lipid bilayers, probably due to the electrostatic interaction  
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between  the  quaternary  amine groups of HTMA-PFP and the negative charge of the 

lipid head groups.  

 

Figure 5.2. a) Normalized fluorescence emission spectra of HTMA-PFP in buffer (blue 

line), anionic (dash) and zwitterionic lipid vesicles (dot). b) Changes in fluorescence 

intensity (ΔI) at increasing concentrations of anionic (circle) and zwitterionic (solid 

square) lipid vesicles. c) Stern-Volmer plots for quenching of HTMA-PFP by AQS in 

anionic (circle) and zwitterionic (solid squares) lipid vesicles.   

The interaction was also very fast, and was confirmed by the Förster resonance 

energy transfer (FRET) analysis, by using BODIPY C4C9 (Bodipy) as energy acceptor 

(Figure 4a of Publication 8.1). Morever, the location of the HTMA-PFP in lipid bilayer 

was checked from quenching experiments by using the 9,10-anthraquinone-2,6-
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disulfonic acid (AQS) as fluorescence quencher (Figure 5.2c). The fact that the 

polymer fluorescence was not quenched suggests that once HTMA-PFP interacts with 

the membrane, it does not remain close to the surface, but rather it is embedded in 

the lipid bilayer (Scheme 5.1). 

 

Scheme 5.1. Schematic model, which shows the interaction between HTMA-PFP and 

lipid vesicles composed of anionic and zwitterionic vesicles.    

The integrity of the lipid vesicles after polymer incorporation was confirmed by 

monitoring the induced release of the fluorescent probe carboxifluorescein (CF) from 

anionic vesicles in the presence of HTMA-PFP (Figure 5a of Publication 8.1). Results 

show that at low concentrations of HTMA-PFP, the integrity of the vesicle is 

maintained (Figure 5a of Publication 8.1 and Figure 11 of Publication 8.2). 

Fluorescence microscopy images of giant unilamellar vesicles (GUVs) of anionic lipids 

also supported this result, suggesting the potential use of this polymer to label lipid 

membrane (Figure 5b,c of Publication 8.1). Finally, the fluorescence emission spectra 

of HTMA-PFP were recorded as a function of temperature for lipids with phase 
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transitions (Figure 5.3a). A blue-shift of the polymer fluorescence spectra was 

observed at the transition temperature which indicates that polyelectrolyte 

fluorescence is sensitive to the physical state of the lipid bilayer. All these results 

confirm the ability of HTMA-PFP to visualize anionic membranes and to monitor 

membrane processes.  

 

Figure 5.3. a) Temperature dependence of the fluorescence maximum position 

(circles) and intensity (blue squares) of HTMA-PFP in anionic lipid (DMPG). b) 

Temperature dependence of the fluorescence maximum position (circles) and 

fluorescence intensity measured as the integrated area under the spectrum of HTMA-

PFP (blue squares) recorded in zwitterionic lipid (DMPC).     

5.2.1.2. HTMA-PFP in Zwitterionic Lipid Membranes 

An enhancement of the fluorescence intensity and a very small blue-shift in the 

emission spectrum confirmed the interaction of HTMA-PFP with zwitterionic vesicles 

(Figure 5.2). However, the KP value is 10 times lower than that found in the anionic 

vesicles, suggesting a higher affinity of HTMA-PFP for anionic vesicles than for 

zwitterionic ones. The kinetics of insertion of the polyelectrolyte into the zwitterionic 

membrane, explored by means of FRET experiments, was fast but slower than that 
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observed for the anionic membranes (Figure 2b of Publication 8.2). These results 

indicate that the nature of the interaction between HTMA-PFP and the lipid 

membrane depends on the lipid headgroup charge, being mainly electrostatic for the 

anionic system, at least in a first step, while for the zwitterionic one it would likely be 

mediated by hydrophobic interactions between the conjugated backbone of the 

polymer and the lipid molecules. To obtain more insight into the membrane-

polyelectrolyte interaction, quenching experiments were carried out by using AQS 

(Figure 5.2c). Contrary to that observed for anionic membranes, a decrease in the 

fluorescence signal of the polyelectrolyte was observed in the presence of the 

quencher. This result confirms that HTMA-PFP is incorporated into the lipid vesicle, 

and indicates that it remains close to the surface of the bilayer and not within the 

hydrophobic core (Scheme 5.1). This interaction does not alter the membrane 

integrity as was confirmed by fluorescence microscopy images, using GUVs (Figure 6 

of Publication 8.2). Finally, for zwitterionic lipids with phase transition, HTMA-PFP 

was capable of detecting the transition temperature by monitoring changes in its 

fluorescence intensity but not in its spectral position (Figure 5.3b).   

Comparing the interaction of HTMA-PFP with anionic and zwitterionic model 

membranes, we observed clear differences in KP, location within the lipid bilayer, 

spectral position and fluorescence intensities, which suggest that aggregates of 

HTMA-PFP are better solubilized in anionic systems than in zwitterionic ones.  
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5.2.1.3. Selectivity of HTMA-PFP against Anionic and Zwitterionic Membranes  

The above results confirm that the mechanism of the interaction between HTMA-PFP 

and lipid membranes is mediated by the lipid charge. The high affinity and rapid 

interaction of HTMA-PFP for anionic vesicles suggests that this CPE can be selective 

for this type of membranes and therefore, potentially used as a fluorescent 

membrane marker for systems with high anionic lipid content, such as bacterial 

membranes. The fact that the position of the fluorescence emission spectrum of 

HTMA-PFP depends on the lipid charge was used as a tool to check this hypothesis. 

With this end, samples containing anionic and zwitterionic vesicles together, at 

different proportions, were explored by monitoring the difference in spectral 

position (Figure 5.4a). Results show that the polymer chains are preferentially 

incorporated in the anionic vesicles, even though these coexist at very low proportion 

with the zwitterionic systems. This finding was supported by quenching experiments, 

which were carried out for the samples by using AQS (constant concentration) (Figure 

5.4b). If effectively all the polymer chains are embedded in the anionic vesicles, then 

they should not be accessible to the quencher. The fact that the quenching efficiency 

was close to 0% for samples containing a small amount of anionic vesicles supports 

this hypothesis, confirming the selectivity of HTMA-PFP for anionic lipids. Microscopy 

fluorescence studies also support this result and show the ability of the 

polyelectrolyte to preferentially label and visualize populations of anionic vesicles in 

a mixture with zwitterionic ones (Figure 5.5).  
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Figure 5.4. Membrane selectivity study of HTMA-PFP, in a mixture of anionic and 

zwitterionic lipid vesicles; a) position of the fluorescence maximum and b) 

fluorescence quenching percentage of CPE with AQS versus increased anionic vesicle.  

 

Figure 5.5.  Microscopy images of a mixture of GUVs of Bodipy labelled-zwitterionic 

lipids and anionic-zwitterionic (3:1) lipids in absence of HTMA-PFP, observed by a) 

phase contrast microscopy and b) upon excitation with visible light. In the presence 

of the HTMA-PFP, upon excitation with c) visible light and d) UV-light. (a and b; c and 

d; correspond to the same field). 
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5.2.2. HTMA-PFNT in Model Membranes 

A similar study performed for HTMA-PFP in model membranes was also carried out  

for the red cationic CPE.  

Find below a summary of results reported in Publications 8.3 and 8.4, together 

with their discussion (Chapter 8). 

5.2.2.1. HTMA-PFNT in Anionic and Zwitterionic Membranes 

The interaction of HTMA-PFNT with anionic and zwitterionic vesicles was confirmed 

with fluorescence experiments (Figure 5.6). An enhancement in fluorescence 

intensity compared to buffer, with several folds of amplification of the quantum-

yield, was observed in a lipid concentration-dependent manner, together with a 

slight blue-shift of the emission maximum. These results evidence the interaction of 

the HTMA-PFNT with both types of membrane, as well as a clear decrease in polymer 

aggregation. Interpretation of results is similar to that proposed for HTMA-PFP: 

Probably, once HTMA-PFNT is added to the liposome suspension, self-assembled 

aggregates rapidly interact with the lipid membranes. This interaction should induce 

the disruption of aggregates through a mechanism mediated by hydrophobic 

interactions between the conjugated backbone of the polymer and the lipid 

molecules. The breakup of aggregates separates polymeric backbones, decreasing 

the effective conjugation length and thus reducing the self-quenching. It results in a 

blue shift of the emission maximum and a several-fold amplification of the 

fluorescence emission. From fluorescence changes recorded as a function of lipid 
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concentration, KP values of 1.1 ± 0.1 x 106 and 1.1 ± 0.1 x 104 were determined for 

anionic and zwitterionic systems, respectively, suggesting the higher affinity of 

HTMA-PFNT towards anionic vesicles (Figure 5.6b). Moreover, the location of HTMA-

PFNT in lipid bilayers was explored using AQS (Figure 5.6c). In the zwitterionic vesicles 

the fluorescence was quenched, while no quenching was observed in the anionic 

vesicles.  

 

Figure 5.6.  a) Normalized fluorescence emission spectra of HTMA-PFNT in buffer (red 

line), anionic (dash) and zwitterionic lipid vesicles (dot). b) Changes in fluorescence 

intensity (ΔI) at increasing concentrations of anionic (circle) and zwitterionic (solid 

square) lipid vesicles. c) Stern-Volmer plots for quenching of HTMA-PFNT by AQS in 

anionic (circle) and zwitterionic (solid squares) lipid vesicles.   
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These results indicate that HTMA-PFNT is well embedded in the bilayer of the anionic 

vesicles and it is located close to the membrane surface in zwitterionic system. 

Comparing the results obtained for HTMA-PFP and HTMA-PFNT, we assume that the 

nature of the interaction between these CPEs and the lipid bilayer is very similar and 

we can conclude that as HTMA-PFP, the red emitting HTMA-PFNT shows a preference 

for anionic lipids over zwitterionic ones. Finally, fluorescence studies as a function of 

temperature showed that the fluorescence of HTMA-PFNT was not sensitive to the 

physical state of the lipid bilayer, contrary to that observed for HTMA-PFP. These 

results evidence that both polyelectrolytes are good candidates as fluorescence 

membrane markers for bioimaging but that only HTMA-PFP can be used as a 

fluorescent probe for the detection of lipid phase changes. 

5.3. CPEs for Selective Recognition and Imaging of Bacteria  

In the light of the results obtained from the Publications 8.1, 8.2 and 8.3, we explored 

the interaction of HTMA-PFP and HTMA-PFNT, first with bacterial and mammalian 

model membranes, and second with bacteria E. coli and HeLa cells in order to 

evaluate the potential use of these CPEs for selective bacterial recognition. 

Find below a summary of results reported in Publications 8.4, together with their 

discussion. 
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5.3.1. HTMA-PFP and HTMA-PFNT in Bacterial and Mammalian Model 

Membranes 

First, we used model membranes of different lipid compositions in order to mimic 

those of bacterial and mammalian membranes (Chapter 4, Table 4.1, page 49). The 

interaction of HTMA-PFP and HTMA-PFNT with these model systems was studied by 

using fluorescence emission spectra and fluorescence quenching with AQS (Figure 

5.7).  

Affinity studies showed that both CPEs have higher affinity for the bacterial 

membrane model than for the mammalian one, especially HTMA-PFNT. The high KP 

value obtained for this red-emitting CPE indicates that its affinity for bacterial 

membrane models is 20 times higher than for mammalian ones and suggests the 

possibility of being more selective than the blue-emitting HTMA-PFP for bacterial 

membranes (Figure 5.7a,c). 

Locations of both CPEs, HTMA-PFP and HTMA-PFNT, in the different lipid membrane 

models was explored by using AQS and related KSV values were determined (Figure 

5.7b,d). These values indicate that both polyelectrolytes remain close to the 

membrane surface in the mammalian system, and are more inserted inside the 

bilayer in the bacterial model. In the next study, we took advantage of this result to 

explore the selectivity of HTMA-PFP and HTMA-PFNT in samples where coexist both 

types of model membrane vesicles (Figure 5.8). Results show that when CPEs were 

added to samples containing a low proportion of bacterial vesicles (~20% for HTMA-

PFP and ~5% for HTMA-PFNT), all the polymer chains are incorporated into the 
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bacterial systems and not into the mammalian ones. This study confirms the 

selectivity of both CPEs towards bacterial model and demonstrates that HTMA-PFNT 

has higher selectivity and sensitivity for this type of model membrane than HTMA-

PFP. 

 

Figure 5.7. a) Area of the emission spectrum of HTMA-PFP at different concentrations 

of bacterial (dark squares) and mammalian (circles) model membranes. b) Stern-

Volmer plots for quenching of HTMA-PFP by AQS in model bacterial (dark squares) 

and mammalian (circles) model membranes. c) Area of the emission spectrum of 

HTMA-PFNT at different concentrations of bacterial (dark squares) and mammalian 

(circles) model membranes. d) Stern-Volmer plots for quenching of HTMA-PFNT by 

AQS in model bacterial (dark squares) and mammalian (circles) model membranes.  
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Figure 5.8. Quenching induced by AQS (at a constant concentration) in the 

fluorescence intensity of HTMA-PFP (blue diamonds) and HTMA-PFNT (red triangles), 

in samples containing mammalian LUVs coexisting with increasing concentrations of 

bacterial LUVs. 

5.3.2. Selective Imaging of Bacteria over Mammalian Cells 

Before studying the selectivity of CPEs for E. coli bacteria and mammalian cells, we 

explored the ability to label these cells separately. To this end, fluorescence 

microscopy studies were performed and results indicate that HTMA-PFP and HTMA-

PFNT are capable of labelling E. coli Top 10 F’ strain bacteria and HeLa cells, allowing 

their visualization in blue and red colors (Figure 6, Publication 8.4). Once confirmed 

this ability, we explored the possibility to visualize selectively the E. coli bacteria in a 

sample where coexist both populations of E. coli and human HeLa cells (Figure 5.9). 

Fluorescence images show that HTMA-PFP was capable of labelling both types of cells 

without, apparently, any preference for one over the other. Results obtained with 

the HTMA-PFNT were totally different: this CPE was only bound to the E. coli bacteria 
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without apparently labelling the human HeLa cells, thus evidencing its potential use 

for selective recognition and imaging of bacterial contamination.  

 

Figure 5.9. Microscopy images of human HeLa cells contaminated with bacteria E. coli 

after addition of HTMA-PFP in a) phase contrast and b) upon irradiation with UV-light. 

Microscopy images of human HeLa cells contaminated with bacteria E. coli after 

addition of HTMA-PFNT in c) phase contrast and d) upon irradiation with visible light. 

5.4. CPE–based Nanostructures: Characterization and Biotechnological 

Applications 

Find below a summary of results reported in Publications 8.3 and 8.5, together 

with their discussion. 
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5.4.1. Multifunctional Fluorescent Nanoparticles (NPs) as Bioimaging Tools and 

Drug Carriers 

The previous results discussed in section 5.1 show that red-emitting HTMA-PFNT 

forms unstable aggregates in buffer due to its highly hydrophobic backbone, leading 

to detrimental emission quenching. In the following section, water solubilization and 

stabilization of HTMA-PFNT were improved through the formation of nanostructures 

by complexing the polyelectrolyte with two different biological systems: human 

serum albumin (HSA) and lipid vesicles. Both systems are macromolecular carriers 

capable of accommodating a wide variety of drugs and contain reactive functional 

groups (in the case of human serum albumin) or can be functionalized (in the case of 

liposomes) for targeting ligands [111,112]. Using both strategies, stable fluorescent 

nanostructures can be obtained which combine the properties of both constituents 

and can be potentially used as drug carriers and bioimaging probes. In Publication 

8.3, we explored these possibilities.   

5.4.1.1. Protein-CPE Nanostructures 

To improve the solubility and stability of HTMA-PFNT in buffer, we explored the 

possible formation of complexes between the polyelectrolyte and human serum 

albumin (HSA). Interaction was monitored from the changes observed in the 

fluorescence intensity of HTMA-PFNT in presence of increasing concentrations of HSA 

(Figure 5.10a). Association constant (KA) was calculated from these changes, 

obtaining a KA = 2.2 ± 0.2 x 106 M-1, which indicates a strong affinity between HTMA-
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PFNT and HSA. No alterations in the protein secondary structure and protein 

conformation were observed by using Circular Dichroism (CD) measurements (Figure 

5.10b) and intrinsic fluorescence of the protein (Figure 4b of Publication 8.3).  

 

Figure 5.10. a) Fluorescence emission spectra of HTMA-PFNT in buffer with increasing 

concentration of HSA. b) Effect of HTMA-PFNT on the CD spectrum of HSA (6 µM) in 

buffer. CPE concentrations were as follows: 0 (line), 6 (dash), 9 (dot), 12 µM (dash 

dot). 

DLS measurements were used to determine the size of these complexes. The fact that 

their size (~ 120 nm) was time-independent indicates that it does not correspond to 

a population of unstable polymeric aggregates formed in buffer, but rather it can be 

attributed to nanostructures composed of aggregates of polyelectrolyte coated with 

HSA molecules (Scheme 5.2). Probably, when the polyelectrolyte is added to the 

protein solution, it starts to self-assemble forming aggregates through the 

hydrophobic interactions of its backbone, exposing the positively charged side chains 

to the solvent. Simultaneously, the negatively charged HSA (pI=4.9) interacts with 

these aggregates, through rapid electrostatic interaction. In addition a slower 

hydrophobic interaction occurs between the conjugated backbone of the polymers 
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and the hydrophobic patches of HSA. This interaction induces conformational 

changes in polymer chains, disrupting backbone interactions, resulting in a blue-shift 

of the emission spectrum as well as an increase in fluorescence intensity. 

 

Scheme 5.2. Schematic model, which shows the possible interaction between HTMA-

PFNT aggregates i) in buffer, with ii) HSA and iii) lipid vesicles (DOPC). 

Finally, we checked the ability to use these fluorescent nanoparticles as drug carriers 

(Table 2 of Publication 8.3). A fluorescent probe DPH, which is highly hydrophobic 

and non-fluorescent in water, was used as a model drug. Results showed that while 

DPH is non-fluorescent in the buffer containing only HTMA-PFNT, it fluoresces in the 

polyelectrolyte-HSA complexes. It indicates that the hydrophobic cavities of the 

protein are still accessible to nonpolar compounds, thus evidencing the ability of 

using these fluorescent nanostructures as carriers for hydrophobic drugs. 
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5.4.1.2. Lipid Vesicle-CPE Nanoparticles 

A second approach to stabilize the HTMA-PFNT in buffer was the use of liposomes. 

Fluorescent liposomal nanoparticles (NPs) were formed by the interaction of HTMA-

PFNT with these lipid vesicles. The interaction was monitored from changes in the 

fluorescence intensity of the CPE (Figure 5.11a). According to DLS measurements, 

these nanoparticles have hydrodynamic diameter of ~ 110 nm. The ability of these 

fluorescent NPs to be used as carriers for hydrophobic and polar drugs was 

investigated by fluorescence spectroscopy. As for polymer-protein complexes, DPH 

was used as a model compound for hydrophobic drugs. Results indicate that the 

binding of HTMA-PFNT to the liposome is not affecting the insertion of the DPH in the 

lipid bilayer, confirming the potential use of these nanoparticles in hydrophobic drug 

delivery (Table 2 of Publication 8.3). Also, liposomes can be used to transport polar 

compounds in their inner aqueous phase. Fluorescence experiments carried out by 

using the polar fluorescent probe CF encapsulated in the aqueous cavity of the 

liposomal NPs, where its fluorescence is self-quenched, showed the ability of these 

nanoparticles to transport hydrophilic molecules (Figure 5.11b). Taking into account 

these interesting properties of fluorescent NPs, we decided to explore their stability 

as a function of storage time and temperature (Figure 7 of Publication 8.3). Results 

showed that fluorescent nanoparticles were highly stable in time and in a wide 

temperature range and showed high photostability. These properties suggested their 

potential use not only as drug carriers but also as bioimaging probes. To test this 

possibility, preliminary microscopy experiments were performed with the human 

keratinocyte cell line HaCaT. Results showed that NPs rapidly interacted with these 
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cells, allowing their visualization under fluorescence microscopy (Figure 8 of 

Publication 8.3).   

 

Figure 5.11. a) Fluorescence emission spectra of HTMA-PFNT in buffer with increasing 

concentration of lipid vesicles. b) Fluorescence intensity of CF encapsulated in lipid 

vesicles, in absence and in presence of HTMA-PFNT and after the addition of Triton 

(10%). 

5.4.2. Fluorescent NPs in Biosensing 

The ability of p-nitrophenol (PNP) to quench the fluorescence of HTMA-PFP was used 

in this work to develop a fluorescent biosensor for Alkaline Phosphate (ALP) [124]. 

Results of this study are reported in Publication 8.5. Firstly, we studied the 

stabilization of this CPE through its incorporation in lipid vesicles to obtain stable 

blue-emitting nanoparticles (NPs) (Figure 1 of Publication 8.5). Once the stability of 

the fluorescent NPs was confirmed by using fluorescence studies and DLS 

measurements, the ability to be quenched by PNP was explored as an essential 

requirement for biosensor construction (Figure 2 of Publication 8.5). Results indicate 
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that, although HTMA-PFP is incorporated into the vesicles, PNP is still capable of 

quench its fluorescence (KSV = 5.08 ± 0.07 x 104 M-1).  

5.4.2.1. Free ALP Biosensor 

Once proved the quenching of the fluorescent NPs by PNP, we investigated their 

ability to detect ALP activity, taking into account that PNP is the final product of the 

hydrolysis of the substrate p-nitrophenyl phosphate (PNPP), catalysed by ALP 

(Scheme 5.3).  

 

Scheme 5.3. Schematic model, which shows the working principle of the ALP 

biosensor.  

To this end, increasing concentrations of PNPP were directly added to the NPs 

suspension, in presence of ALP. Results showed a decrease in fluorescence of NPs as 

the substrate concentration was increased, when the fluorescence spectra were 

recorded after 3 min of incubation. From this study, a value of KSV = 4.94 ± 0.28 x 104 

M-1 was obtained, which suggests the adequate operation of the biosensor in solution 
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(Figure 2 of Publication 8.5) and the possibility to detect ALP inhibitors. The 

mechanism of sensing is based on the fluorescence turn on/turn off (Scheme 5.3). 

The PNP produced after hydrolysis of PNPP quenches the fluorescence of NPs, leading 

to fluorescence turn-off, but in the presence of inhibitors, the fluorescence of the 

system turns on. The activity of ALP was then monitored in the presence of phosphate 

ion which is an inhibitor of the enzyme. Results showed that the quenching efficiency 

was decreased, when the inhibitor concentration was increased (Figure 4 of 

Publication 8.5). These studies indicate that this biosensor can be used for ALP 

inhibitor screening, as well as to determine the concentration of a specific inhibitor 

in a sample.   

5.4.2.2. Immobilized ALP Biosensor  

The practical application of the biosensor described above requires the preparation 

of different samples (fluorescent NPs, fresh solutions of the enzyme, etc.) each time 

that it is used, with the consequent economic burden. Therefore, in order to improve 

the performance of the biosensor, its components, ALP and NPs, were entrapped in 

the pores of a transparent matrix prepared by using the sol-gel process. This 

methodology offers many advantages such as easy handling, enhanced stability and 

reusability of the biosensor. Firstly, we immobilized each component separately and 

its properties were characterized. Results showed that, on one hand, the 

fluorescence properties of NPs were preserved after the immobilization, as well as 

the quenching of their fluorescence by PNP (Figure 6 of Publication 8.5). On the other 

hand, results confirmed that the activity of the enzyme was preserved, but the 
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kinetics was slower than in solution, probably due to the restricted diffusion of PNPP 

and PNP in the matrix (Figure 7 of Publication 8.5). In the light of these results, we 

immobilized fluorescent NPs and ALP in the same matrix to obtain the final biosensor 

device. The conditions of the biosensor operation were optimized in order to 

minimize the time of response and sensibility of the assay (Figure 8a of Publication 

8.5). Finally, we explored the capacity of the biosensor to determine ion phosphate 

in aqueous samples. Results showed that biosensor could detect this inhibitor with a 

limit of detection (LOD) of 370 µM, and that it could be reusable for, at least, seven 

assays (Figure 5.12).  

 

Figure 5.12. a) Fluorescence intensities recorded for immobilized ALP biosensor in 

the absence and presence of different concentrations of phosphate ions. b) 

Reusability study of the biosensor performed using the same monolith, for seven 

consecutive assays.   
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1- The fluorescent conjugated polyelectrolytes HTMA-PFP and HTMA-PFNT, 

emitting in the blue and red spectral region respectively, show poor solubility 

in aqueous media, especially HTMA-PFNT, forming aggregates with low 

fluorescence efficiency, whose size increases as a function of time. 

2- Interaction of HTMA-PFP and HTMA-PFNT with anionic model membranes 

induces the breaking of polymer aggregates, eliminating interchain quenching 

and increasing their fluorescence efficiency. CPEs rapidly incorporate into the 

lipid bilayer with high affinity, acting as fluorescent markers that allow the 

visualization of membrane structures and, in the case of HTMA-PFP, the 

detection of lipid phase transitions. 

3- Both CPEs associate spontaneously with zwitterionic model membranes 

retaining their structural integrity without altering the spherical morphology 

of the lipid vesicles. These polyelectrolytes show lower affinity for zwitterionic 

membranes than for anionic ones, as well as a different final membrane 

location. While in the anionic membrane, these CPEs are embedded within 

the lipid bilayer, in the zwitterionic system they remain close to the surface, 

forming aggregates that are sensitive to the physical state of the lipid bilayer. 

4- HTMA-PFP and HTMA-PFNT are able to label bacterial and mammalian model 

membranes but preferentially interact with bacterial model membranes due 

to their anionic character. In spite of their similar structure, HTMA-PFNT is 

much more selective towards bacterial model membrane than HTMA-PFP.  
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5- Both CPEs rapidly insert in the membrane of E. coli bacteria and HeLa cells 

allowing for their visualization in blue (with HTMA-PFP) and red (with HTMA-

PFNT) colors.  

6- In samples simultaneously containing E. coli bacteria and HeLa cells, HTMA-

PFP is able to label both type of cells without preference, while HTMA-PFNT 

is apparently bound only to the E. coli bacteria. It indicates that HTMA-PFNT 

could be potentially used as a fast diagnosis tool for detecting bacterial 

contamination in samples. 

7- HTMA-PFNT can be stabilized in buffer through complexation with two 

biological systems which are known to be used as nanocarriers: HSA and 

liposomal vesicles. Such interaction leads to the formation of red-emitting 

nanostructures that preserve the functionality of the biological systems and 

could be used as potential multifunctional platforms for therapeutic (drug 

delivery) and diagnostic (bioimaging) purposes. 

8-  The interaction of HTMA-PFP with liposomal vesicles leads to the formation 

of stable blue-emitting nanoparticles whose fluorescence is quenched by PNP. 

This property has been used to develop a fluorescent biosensor based on the 

inhibition of the enzyme ALP. The biosensor could be used for determination 

of ALP inhibitors such as phosphate ions.   

9- Immobilization of the biosensor components (nanoparticles and ALP) in a sol-

gel matrix facilitates its handling and enables its reutilization. The device has 

been successfully used in the determination of phosphate ions. This 

methodology can be extrapolated for the screening of inhibitors of other 
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enzymes, such as α-glucosidase and α-galactosidase, which catalyze reactions 

yielding PNP as final product. 
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1- Los polielectrolitos conjugados fluorescentes HTMA-PFP y HTMA-PFNT, que 

emiten en el azul y el rojo respectivamente, muestran una baja solubilidad en 

medio acuoso, especialmente HTMA-PFNT, formando agregados con baja 

eficiencia de fluorescencia cuyo tamaño aumenta en función del tiempo. 

2- La interacción de HTMA-PFP y HTMA-PFNT con modelos de membrana 

aniónicos provoca la ruptura de los agregados, aumentando la intensidad de 

su fluorescencia al separarse las cadenas poliméricas. Estos CPEs se 

introducen rápidamente y con gran afinidad en el interior de la bicapa lipídica, 

actuando como sondas fluorescentes que permiten la visualización de las 

estructuras de membrana y, en el caso del HTMA-PFP, la detección de 

transiciones de fase lipídicas. 

3- Ambos polielectrolitos se asocian espontáneamente con modelos de 

membrana zwitteriónicos, preservando su integridad estructural sin alterar la 

morfología esférica de las vesículas. La afinidad de los CPEs por estas vesículas 

lipídicas es menor que por vesículas aniónicas y, además, su localización final 

en la membrana es diferente. Así, en el sistema aniónico los polielectrolitos 

se disponen en el interior de la bicapa, mientras que en las membranas 

zwitteriónicas se sitúan cerca de la superficie, formando agregados cuya 

fluorescencia es sensible al estado físico de la membrana.  

4- HTMA-PFP y HTMA-PFNT son capaces de marcar fluorescentemente modelos 

de membrana de células de mamífero y bacterianas, aunque interaccionan 

preferentemente con los modelos bacterianos debido a su carácter aniónico. 
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A pesar de que poseen una estructura muy similar, el polielectrolito HTMA-

PFNT es mucho más selectivo que el HTMA-PFP hacia el modelo bacteriano. 

5- Ambos CPEs se insertan rápidamente en las membranas de bacterias E. coli y 

de células HeLa, permitiendo el marcaje y la visualización bajo el microscopio 

de fluorescencia de ambos sistemas en colores azul (con HTMA-PFP) o rojo 

(con HTMA-PFNT).  

6- En muestras donde coexisten bacterias E. coli y células HeLa, se ha observado 

que HTMA-PFP es capaz de marcar ambas células con la misma preferencia, 

mientras que HTMA-PFNT parece enlazarse únicamente a bacterias E. coli. 

Esto indica que HTMA-PFNT puede ser potencialmente utilizado como una 

rápida herramienta de diagnóstico de contaminación bacteriana. 

7- El polielectrolito HTMA-PFNT puede estabilizarse en medio acuoso a través 

de su interacción con sistemas biológicos utilizados como 

nanotransportadores, tales como la proteína HSA o vesículas liposomales. 

Dicha interacción da lugar a la formación de nanoestructuras que mantienen 

la funcionalidad del sistema biológico y que emiten en el rojo. Estas 

estructuras podrían ser utilizadas como plataformas multifuncionales para 

fines terapéuticos (transporte y liberación de fármacos) y de diagnóstico 

(bioimagen). 

8- La interacción de HTMA-PFP con vesículas liposomales da lugar a la formación 

de nanopartículas fluorescentes que son altamente estables en medio acuoso 

y cuya fluorescencia puede ser desactivada con PNP. Esta propiedad ha 

servido para poner a punto un biosensor fluorescente, que utiliza la enzima 
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ALP como elemento de reconocimiento y permite la detección de sus 

inhibidores, en particular del ion fosfato. 

9- La inmovilización de los componentes del biosensor (nanopartículas y ALP) en 

una matriz sol-gel que facilita su manipulación y permite su reutilización. El 

dispositivo ha sido utilizado con éxito para determinar ion fosfato. Este mismo 

diseño puede ser extrapolado para la detección de inhibidores de otras 

enzimas, tales como la α-glucosidasa y α-galactosidasa, que catalizan 

reacciones cuyo producto final es el PNP.    
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ABSTRACT: The present work explores the potential use of the
conjugated cationic polyfluorene {[9,9-bis(6′-N,N,N-trimethylammonium)-
hexyl]fluorene-phenylene} bromide (HTMA-PFP) as a fluorescent
membrane marker. To this end, the interaction of the polyelectrolyte with
anionic model membranes has been investigated using different biophysical
approaches. High affinity interaction was confirmed through alterations in
the fluorescence spectrum of HTMA-PFP and by Förster resonance energy
transfer (FRET) analysis. Quenching data indicate that once HTMA-PFP
interacts with the membrane, it penetrates in the hydrophobic core
embedded in the lipid bilayer where it presents high fluorescence quantum
yield and photostability. Leakage experiments and dynamic light scattering
(DLS) measurements show that the integrity of the lipid vesicles is
maintained after polymer incorporation since no vesicle fusion or
decomposition into small fragments is detectable. This conclusion is
supported by fluorescence microscopy images, which confirm that polyelectrolyte interacts with the vesicle, labeling the lipid
membrane without altering its morphology. Further experiments performed as a function of temperature indicate that the
polymer is accommodated in the membrane without inducing significant loss of lipid cooperativity and without altering the
packing of lipids within the bilayer. Finally, results show that polyelectrolyte fluorescence is sensitive to the large structural
changes taking place in the lipid bilayer at the lipid phase transition. All these results confirm the ability of HTMA-PFP to
visualize membrane structures and to monitor membrane processes.

■ INTRODUCTION

The design and development of new fluorescent markers
having high sensitivity to image cellular and physiological
processes is of great interest in clinical diagnosis, identification
of cancer cells, detection of pathogenic bacterial cells,
immunofluorescent techniques, catalytic pathway monitoring,
drug delivery monitoring through membrane or cytoplasm, and
so on.1 These materials should be highly fluorescent, water-
soluble, photostable, and easy for bioconjugation, having good
biocompatibility, maximum spatial resolution, and minimal
perturbation to biological systems.2 Most of the existing
fluorescent materials designed to this end (generally, small
fluorophores, fluorescent proteins, and semiconductor quantum
dots) exhibit interesting properties, but also important
disadvantages. For example, small fluorescent molecules and
fluorescent proteins often suffer from photobleaching, and the
much more stable inorganic quantum dots, generally including
heavy metals such as Cd and Se, are not free from potential
cytotoxicity because of the possible metals leaching from the
nanoparticles.3,4 Therefore, new fluorescent materials with
improved properties (nontoxicity, stability, and high sensitivity)
are being developed for overcoming these limitations.5,6 Among
them, conjugated polyelectrolytes (CPEs) seem to be
interesting candidates because their unique properties. These
materials are polymers with delocalized π-electron systems,

which show strong absorption and high efficiencies in both
photoluminescence and electroluminescence,7,8 containing
ionic side groups to facilitate their water solubilization. In
general, CPEs have high photostability and low cytotoxicity and
can undergo spontaneous self-assembly through reversible,
electrostatic, and/or hydrophobic interactions with some other
species, generally of opposite charge, resulting in supra-
molecular structures with interesting optical and material
properties.9 In addition, these materials have easily amenable
side chains for bioconjugation with various recognition
elements.2,10 Given these properties, CPEs have received
great attention in biomedical applications, especially for
developing biosensing schemes and sensing devices for
biomolecules11−14 and more recently have been employed as
novel fluorescent probes for bioimaging.3,6,15−21

Many drugs, small molecules, nanoparticles, or fluorescent
dyes used in cellular imaging first interact with cells through
their membrane. Interactions, at a molecular level, of an
extracellular particle with the plasma membrane need to be
understood to evaluate its potential activity. In this regard, the
use of model lipid membrane systems that imitate the
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complexity of natural cell membranes are useful to study the
interaction of such compounds in a controlled manner, for
predicting their interactions with real cell membranes as well as
in the development of biotechnological applications. When
CPEs are directly added to cells for imaging analyses, they
initially interact with their plasma membrane; therefore, a
detailed knowing of how these polyelectrolytes insert into the
membrane at a molecular level should be helpful to understand
their activity, improving and expanding their applications. To
date, very few works have been carried out with this end in
view. The Whitten group studied the interaction of a series of
antimicrobial CPEs with different model membranes to gain
insight into the mechanism of their biocidal activity.22−24

Recently, Ngo and Cosa characterized the interaction of lipid
vesicles with a negatively charged CPE in order to obtain well
characterized lipid/polymer complexes, which could have
applications as liposome-based sensing systems.11,25 Given the
objective of these works, the polymer concentration used in
most of the experiments was relatively high. However, the use
of CPEs as probes for bioimaging and detection of membrane
processes requires minimal perturbation of the sample being
studied, and consequently, low polymer concentrations.
In the present work, we have investigated the interaction of

small concentrations of CPEs with model lipid membranes in
order to evaluate the potential use of these polyelectrolytes as
fluorescent membrane markers. To this end we have selected
the CPE poly{[9,9-bis(6′-N,N,N-trimethylammonium)hexyl]-
fluorene-phenylene} bromide (HTMA-PFP) and unilamellar
vesicles composed of phosphatidylglycerol lipids (PGs) having
different composition. HTMA-PFP is a water-soluble cationic
poly(fluorene) (Scheme 1), being the backbone and alkyl side

chain hydrophobic moieties, while the cationic charged
quaternary amines control electrostatic interactions.26,27 Due
to these cationic groups, HTMA-PFP has been reported to
show high affinity by anionic biomolecules as DNA and human
serum albumin (HSA)28,29 and, therefore, it would have high
affinity by anionic cell membranes.

■ EXPERIMENTAL SECTION
Materials. The synthetic phospholipids 1,2-dioleoyl-sn-glycero-3-

phospho-rac-(1-glycerol) sodium salt (DOPG) and 1,2-dimyristoyl-sn-
glycero-3-phospho-rac-(1-glycerol) sodium salt (DMPG), were from

Sigma-Aldrich and used as received. The cationic CPE HTMA-PFP
(M = 8340 g/mol, repeat unit molecular weight, 694.71 g/mol; n′ = 12
based on polyfluorene calibration) was obtained and characterized in
our laboratory as previously described.30,31 In brief, a low-molecular-
weight batch of the neutral polymer, poly[9,9-bis(6′-bromohexyl)-
fluorene-phenylene], was synthesized by Suzuki coupling reaction with
Pd(II) as catalyst and treated with gas-phase trimethylamine to obtain
the corresponding cationic polyelectrolyte. Stock solutions of HTMA-
PFP (3.65 × 10−4 M, in repeat units) were prepared in DMSO and
stored at −20 °C before use. The fluorescent probe 5-butyl-4,4-
difluoro-4-bora-3a,4a-diaza-s-indacene-3-nonanoic acid (BODIPY
500/510 C4,C9) was from Molecular Probes (Eugene, OR). Stock
solutions (1 mM) of this probe were prepared in ethanol and stored at
−20 °C before use. The fluorescent probe 5(6)-carboxyfluorescein
(CF) and the quencher 9,10-anthraquinone-2,6-disulfonic acid (AQS)
were obtained from Sigma-Aldrich and dissolved in ethanol (1.25 M)
and water (5 mM), respectively, just before use. All other compounds
were of analytical or spectroscopic reagent grade. Sodium phosphate
buffer (50 mM, 0.1 M NaCl, pH 7.3) was prepared with water that was
twice distilled in an all-glass apparatus and deionized using Milli-Q
equipment (Millipore, Madrid).

LUVs Formation. Chloroform/methanol solutions containing 3
mg of total phospholipid (DOPG or DMPG) were dried first by
evaporation under dry nitrogen gas stream and subsequently under
vacuum for 3 h. Multilamellar vesicles (MLVs) were formed by
resuspending the dried phospholipids in the buffer to a final
concentration, which was 0.5 mM in most of cases. The vesicle
suspension was then heated at a temperature above the phospholipid
phase transition and vortexed several times. Large unilamellar vesicles
(LUVs) were prepared from these MLVs by pressure extrusion
through 0.1 μm polycarbonate filters (Nucleopore, Cambridge, MA).
For energy transfer experiments and anisotropy measurements, the
probe BODIPY C4C9 was initially added to the chloroform/methanol
solutions containing DMPG, and LUVs were subsequently prepared as
described below.

Preparation of Giant Unilamellar Vesicles (GUVs). GUVs were
prepared with the gentle hydration method instead of the mostly used
electroformation method because the presence of charged lipids is a
limitation to the electroformation of vesicles.32 Briefly, DOPG was
dissolved in chloroform at 5 mM final concentration. Ten microliter of
the solution was dropped on a microscope slide, which was previously
washed with alcohol and dried. This sample was left to dry at the room
temperature for few seconds and subsequently under vacuum for 2 h.
Afterward, the lipid film was hydrated with 15 μL of 50 mM phosphate
buffer, 100 mM NaCl at pH 7.3 in a humid chamber for overnight. To
observe the liposomes at the fluorescence microscopy, 400 μL of
buffer was added and left for 2 h to continue the hydration.

Preparation of HTMA-PFP/Lipid Samples. Aliquots of HTMA-
PFP in DMSO were externally added to the lipid vesicle suspension,
well above the phospholipid phase transition, to ensure that the
membrane is in the fluid phase. In all cases, the proportion of DMSO
in the aqueous sample was always lower than 1% (v/v). In most
samples, the final concentration of HTMA-PFP was 1.5 μM, in terms
of repeat units.

Absorption and Fluorescence Spectra. Absorption measure-
ments were carried out at room temperature using a Shimadzu
spectrophotometer (UV-1603, Tokyo, Japan). Fluorescence spectra
and fluorescence intensity measurements were performed in a PTI-
QuantaMaster spectrofluorometer interfaced with a Peltier cell. The
experimental samples were placed in 10 × 10 mm path length quartz
cuvettes. Excitation wavelength at 380 nm for HTMA-PFP was
utilized. Background intensities were always checked and subtracted
from the sample when it was necessary.

Steady-State Fluorescence Anisotropy Measurements.
Steady-state anisotropy ⟨r⟩, defined by eq 1

⟨ ⟩ = −
+

r
I GI
I GI
( )
( 2 )

VV VH

VV VH (1)

Scheme 1. HTMA-PFP (Top) and BODIPY 500/510 C4,C9
(Bottom) Chemical Structures
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was obtained using Glan-Thompson polarizers by measuring the
vertical and horizontal components of the fluorescence emission with
excitation vertical and horizontal to the emission axis. The G factor (G
= IHV/IHH) corrects for the transmissivity bias introduced by the
detection system. Measurements were carried out for samples
containing DMPG labeled with BODIPY 500/510 C4, C9, at a
1:1000 molar ratio (probe:lipid) as a function of temperature. Lipid
samples were excited at 480 nm, and the polarized emission was
detected at 518 nm in the absence and presence of the HTMA-PFP.
Background intensities due to the lipid vesicles in the absence of
BODIPY were always taken into account.
Fluorescence Microscopy Measurements. Fluorescence mi-

croscopy images were recorded using a Nikon Eclipse TE2000-U
inverted microscope equipped with a Nikon Digital Sight DS-1QM/H
and Nikon Digital Camera DXM1200. UV excitation (340 nm ≤ λex
≤380 nm) and blue emission (435 nm ≤ λem ≤485 nm) was filtered
using a DAPI filter cube. We used a homemade stain-steel chamber
where the over glass surface deposits approximately 500 μL of
preparation. Data acquisition was monitored successively by manual
format and data processing with NIS-Elements AR 2.30 software.
Energy Transfer Experiments. For energy transfer experiments,

the BODIPY 500/510 C4,C9 was used as an acceptor of the HTMA-
PFP excitation. The critical radius of transfer, Ro, was calculated from
eq 2:14

κ
π

= Φ
R

J
n N

9000(ln 10)
1280
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2

D
5 4

AV (2)

where ΦD is the donor quantum yield in the absence of acceptor, n is
the index of refraction of the medium, NAV is Avogadro’s number, κ2 is
the orientation factor, and J corresponds to the degree of overlap
between the donor emission spectrum and the acceptor absorption
spectrum (overlap integral). This integral is given by eq 3:

∫ λ ε λ λ λ=
∞

J f ( ) ( ) d
0 D A

4
(3)

where εA is the molar extinction coefficient of the acceptor, and f D(λ)
is the fluorescence spectrum of the donor normalized on the
wavelength scale.
In order to determine the energy transfer efficiencies (E), four types

of spectra were recorded upon excitation at 380 nm: the spectrum of
LUVs, the spectrum of LUVs doped with HTMA-PFP, the spectrum
of LUVs doped with BODIPY 500/510 C4,C9 and the spectrum of
LUVs doped with HTMA-PFP and BODIPY C4C9. The first two
spectra were used to correct the third and fourth spectrum,
respectively, for the LUVs fluorescence and for acceptor fluorescence
in the absence of the donor. The corrected spectra were used to
compute the Förster resonance energy transfer (FRET) efficiency by
eq 4:

= −E I I1 /DA D (4)

where IDA and ID are the fluorescence intensities in the presence and
absence of acceptor, respectively.
Quenching Experiments. Fluorescence emission of HTMA-PFP

was studied in the absence and presence of different concentration of
AQS. Stern−Volmer analysis was applied to the fluorescence
quenching data, according to eq 5:

= +I
I

K Q1 [ ]0
SV (5)

where I0 and I stand for the steady-state fluorescence intensities in the
absence and in presence of quencher, respectively, and [Q] is the
quencher concentration. The significance of KSV depends on the
nature of the quenching process: it may represent the association
constant for complex formation or the rate of dynamic quenching (KSV
= kqτ0), where kq is the bimolecular rate constant of the quenching
process, and τ0 is the lifetime of the biomolecule. For dynamic
quenching (diffusion-controlled quenching), kq may be as high as 1010

M−1 s−1. If kq is greater than this value, it usually indicates static

quenching via a complexation between the fluorophore and the
quencher.

Measurements of Vesicle Leakage Induced by Polymers.
LUVs of DOPG were prepared with CF trapped in the aqueous
interior at a concentration of 40 mM, in a buffer containing 50 mM
phosphate and 0.1 M NaCl. The nonencapsulated CF was removed by
a gel filtration column packed with Sephadex G-75 (Pharmacia,
Uppsala, SW, EU) eluted with buffer containing 50 mM phosphate, 0.1
M NaCl. Self-quenching is expected at the CF packed within the
vesicles. Membrane rupture (leakage) of intraliposomal CF was
assayed by treating the probe-loaded vesicles with the appropriate
amounts of HTMA-PFP. The total rupture of the vesicles and release
of CF was performed with Triton X-100 10%.

Dynamic Light Scattering Measurements (DLS). The size of
the polymer aggregates in buffer as well as that of the LUVs in the
absence and presence of HTMA-PFP were explored by DLS
techniques, using a Malvern Zetasizer Nano-ZS instrument, equipped
with a monochromatic coherent 4mW Helium Neon laser (λ = 633
nm) as light source, with a 173° scattering angle of lecture for size
measurements. The buffer previously filtered with a cellulose acetate
membrane filter with a 200 nm pore size was measured at 20 °C,
before and after the addition of the polymer. The LUVs of DMPG
were also explored in the absence and presence of the polymer below
and above the lipid transition temperature. All measurements were
performed in disposable cuvettes. Measurements were performed in
triplicate.

Calorimetry. Differential scanning calorimetry (DSC) experiments
were performed in a high-resolution Microcal MC-2 differential
scanning microcalorimeter under a constant external pressure of 30 psi
in order to avoid bubble formation. The excess heat capacity functions
were analyzed using Origin 7.0 (Microcal Software). Differences in the
heat capacity between the sample and the reference cell, which
contained only buffer, were obtained by raising the temperature 1 °C/
min over the range from 15 to 36 °C for the samples of DMPG in the
absence and presence of HTMA-PFP. A series of three consecutive
scans of the same sample were performed to ensure scan-to-scan
reproducibility and reversibility.

■ RESULTS AND DISCUSSION

HTMA-PFP in Buffer. The interaction of HTMA-PFP with
surfactants and biomolecules other than phospholipids has
been previously investigated in order to explore the potential
application of this kind of polyfluorenes as sensors.33−36 In
those works, experiments were essentially performed in water,
not buffer solution, because their goal was to characterize the
interactions between the macromolecules in the absence of
other substances which could interfere. However, it is known
that changes in pH during the experimental measurements can
give nonreliable results. For this reason, and to better simulate
physiological conditions, all assays in the present work were
performed in phosphate buffer, 0.1 M NaCl (pH 7.3).
Consequently, before studying the interaction between
HTMA-PFP and lipid membranes, we explored the behavior
of the polyelectrolyte in the buffer solution, comparing the
results with those found in water and good solvents. Previous
works have reported that when HTMA-PFP is dissolved in
water, it self-assembles into aggregates as the rest of CPEs.29,36

This aggregation is dominated by interchain hydrophobic
interactions, which lead to lower emission intensities and red-
shift of the absorption and emission spectra, when comparing
with those recorded in good solvents, due to an increase in the
interchain energy transport mechanism. Figure 1 shows the
normalized excitation and emission spectra of HTMA-PFP (1.5
μM in terms of repeat units) in buffer as compared to those
obtained in water and in a solvent mixture with a 60:40 (v/v) 2-
propanol:water ratio (absorption spectra were very similar to
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those of excitation, and thus they are not shown). Solvent
mixtures have been proposed to be good solvents of this kind of
polyelectrolyte since they allow for solvation of both
components (polar and hydrophobic) of the polymer
structure.37 As was expected, spectra recorded in water were
slightly shifted to the red with respect to those recorded in the
solvent mixture, suggesting the existence of aggregates. An
additional red shift of the spectra, followed by a broadness of
the excitation band and a higher resolution in the vibrational
structure of the emission spectrum, was observed in the buffer
solution. These effects were accompanied by a slight decrease
in the absorbance and a significant drop of the fluorescence
quantum yield (down to 0.16 ± 0.03 as compared to 0.52 ±
0.03 measured in water37), as well by an increase in Rayleigh
scattering of the sample (data not shown). Such effects could
be explained by the existence of nonspecific electrostatic
interactions between HTMA-PFP and anionic species con-
tained in the buffer solution to yield neutral complexes which,
upon charge neutralization, exhibit lower solubility, giving place
to the formation of larger aggregates. To better characterize
these aggregates, DLS experiments were carried out at room
temperature. This technique yields information on the size
distribution of macromolecules in solution in the submicrom-
eter range. Results showed that once HTMA-PFP is added to
the buffer, aggregates are rapidly formed, having hydrodynamic
radium of around 110 nm (Table 1). The average size of

aggregates largely increased through time, acquiring diameters
larger than 400 nm after three hours of preparation, and
consequently reducing their fluorescence intensity (it decreased
for more than 60% in 1 h). Further characterization was
performed by quenching experiments using the anionic electron
acceptor AQS.38,39 Aliquots of increasing concentration of
quencher were added to a buffer solution containing HTMA-
PFP (1.5 μM), and the results were compared to those
obtained in water. A Stern−Volmer plot demonstrated the

highly efficient “superquenching” characteristic of this kind of
polymer (Figure 2).40 For water, the plot was linear in the

concentration range of 0 to 5.5 × 10−8 M, with KSV = 3.2 × 107

M−1, while for buffer the plot was linear within the used
concentration range, with a Ksv value being about 50% lower
than in water. When these values were used to calculate the
bimolecular rate constant of the quenching process kq,
assuming τ = 520 ps,41 values of 3.08 × 10 16 M−1 s−1 and
1.54 × 10 16 M−1 s−1 were found for water and buffer,
respectively. These high values indicate, as expected, the
formation of static quenching complexes via attractive electro-
static interactions between AQS and HTMA-PFP. Higher
concentrations of AQS (0.5 μM) induced total quenching of
the fluorescence intensity of HTMA-PFP in water, while in
buffer the fluorescence signal was not completely inhibited even
at 5 μM of quencher. This result is consistent with a situation in
which a small fraction of polymer chains is not exposed to the
solvent, probably formed by those chains being located in the
core of the aggregates.

HTMA-PFP in DMPG. To explore the ability of HTMA-
PFP to interact with lipid vesicles, different samples containing
LUVs of DMPG in buffer with final lipid concentrations
ranging from 0 to 1 mM were prepared, and the same
concentration of HTMA-PFP (1.5 μM, in terms of repeat
units) was added to all of the samples at 40 °C to ensure that
the lipid bilayer was in fluid phase (DMPG presents its gel/
fluid phase thermal transition around 24 °C). Note that lipid
vesicles were never added to a solution previously containing
HTMA-PFP in buffer, since the order of addition could affect
the final result,25 taking into account the high tendency of the
polymer to form aggregates in buffer. Figure 3 shows the
emission spectra recorded for the different samples. An
enhancement of the fluorescence intensity as well as a blue-
shift in the spectrum was observed up to a lipid concentration
of about 0.5 mM. Higher concentrations of lipid did not modify
the fluorescence spectrum. This result suggests that when
HTMA-PFP is added to a vesicle suspension, it interacts with
the lipid bilayer and that, as consequence of this interaction, the
polymer chains become more extended than in buffer and the
probability of polymer−polymer interaction (aggregation) is
reduced, increasing the fluorescence quantum yield by
approximately a factor of 4.2. A similar effect was observed
when a cationic PPE-based CPE was added to anionic
liposomes.22,23 It is possible to estimate the affinity of the

Figure 1. Normalized fluorescence excitation (left) and emission
(right) spectra of HTMA-PFP in water (solid), phosphate buffer
(dash), and 60:40 (v/v) 2-propanol:water (dot).

Table 1. Hydrodynamic Radii, Determined by DLS
Measurements, for Different Samples: HTMA-PFP in Buffer
and LUVs of DMPG before and after Polymer Addition

sample temperature r (nm)

buffer 20 °C 110 ± 40
DMPG 10 °C 56.2 ± 3.5
DMPG + HTMA-PFP 10 °C 59.2 ± 2.4
DMPG 40 °C 67.0 ± 1.5
DMPG + HTMA-PFP 40 °C 66.5 ± 0.9

Figure 2. Stern−Volmer plots for quenching of HTMA-PFP (1.5 μM)
by AQS in water (black squares), phosphate buffer (circles), and LUVs
of DMPG (triangles).

Biomacromolecules Article

dx.doi.org/10.1021/bm400348n | Biomacromolecules 2013, 14, 1990−19981993



polymer for the lipid membrane fitting the fluorescence
intensities measured at low lipid concentrations to the
following equation (see inset in Figure 3):

γ
Δ = Δ

+
I

I L
K L

[ ]
1/( ) [ ]

max

P

where KP is the phospholipid/water partition coefficient of the
polymer, ΔI (ΔI = I − I0) stands for the difference between the
fluorescence intensity of the HTMA-PFP measured in the
presence (I) and in the absence (I0) of the phospholipid
vesicles, ΔImax = I∞ − I0 is the maximum value of this difference
once the limiting value is reached (I∞) upon increasing the
phospholipid concentration [L], and γ is the molar volume of
the phospholipid (for DMPG in the fluid phase, the value of γ
is 0.7 M−1 42,43).
From a two-parameter (ΔImax and KP) fitting procedure, a KP

value of (2.9 ± 1.3) × 105 was obtained, which indicates a very
high affinity of the polymer for the lipid bilayer, probably due to
the electrostatic interaction between the quaternary amine

groups of HTMA-PFP and the negative charge of the lipid head
groups.
The above experiments indicate that for lipid concentrations

around 0.5 mM, all the polymer chains are interacting with
lipids, and no aggregate remains in the buffer. This result is
supported by DLS experiments of DMPG LUVs, which were
performed at 40 °C (fluid phase) and 10 °C (gel phase), at the
same lipid concentration. In the absence of polyelectrolyte, only
a single distribution was observed centered at 67.0 ± 1.5 nm for
the lipid in the fluid phase and at 56.2 ± 3.5 for the lipid in gel
phase, which are compatible with the expected liposome
radium (Table 1). When HTMA-PFP 1.5 μM was added to this
lipid suspension, a similar distribution was recorded centered at
66.5 ± 1.5 nm (40 °C) and 59.2 ± 2.4 (10 °C), and no
additional population was detected. These results confirm that
polymer aggregates are not found in the buffer, and therefore all
the polymer chains are interacting with liposomes, and suggest
that the integrity of the lipid vesicles is retained after HTMA-
PFP interaction since no vesicle fusion or decomposition into
small fragments is detectable.
To gain more insight into this interaction, we took advantage

of the fact that fluorene-based polymers, such as HTMA-PFP,
are particularly attractive as energy donors in FRET because of
their high fluorescent quantum yields and blue emission, which
allow efficient transfer to acceptors emitting over the whole
visible spectrum.41 Usually, donor and acceptor must be in
close proximity for an efficient FRET to occur, and the
efficiency of the process is dependent on the donor−acceptor
distance.44 Consequently, if an acceptor chromophore is
embedded into the membrane, FRET from HTMA-PFP will
occur only if the polymer inserts into the liposomes (on the
surface or entrapped in the bilayer). BODIPY fatty acids are
currently used as fluorescent probes for microscopy and
spectroscopy experiments because they fluoresce in the visible
with high excitation and emission spectra similar to those of the
widely used xanthenes (fluorescein, rhodamine, etc.), but unlike
these dyes, the BODIPY group carries no net charge and
therefore the fluorophore is embedded in the membrane at a
depth related to its point of attachment to the acyl chain.45

Taking into account these properties, BODIPY (concretely,

Figure 3. Emission spectra recorded for HTMA-PFP (1.5 μM) at
different DMPG concentrations 0, 0.001, 0.002, 0.003, 0.004, 0.005,
0.05, 0.1, 0.5, 1 mM in phosphate buffer. Inset: Fluorescence intensity
differences at different DMPG concentrations.

Figure 4. (A) Fluorescence emission spectrum of HTMA-PFP in LUVs of DMPG in the absence (solid) and in the presence (dash) of BODIPY
C4C9 upon excitation at 380 nm. Spectra are compared with that obtained in the absence of HTMA-PFP in LUVs of DMPG labeled with BODIPY
C4C9 excited at the same wavelength (dotted line). Inset: Kinetics of incorporation of HTMA-PFP in LUVs of DMPG at 40 °C measured by
monitoring the fluorescence intensity recorded at λem = 516 nm (λexc =380 nm) in DMPG (light gray) and DMPG labeled with BODIPY (black)
before and after addition (t = 120 s.) of HTMA-PFP. Figure also shows the photostability of HTMA-PFP upon continuous irradiation at 380 nm
(λem = 450 nm) in the absence of BODIPY (dark gray). (B) Bar diagrams showing the fluorescence intensity of HTMA-PFP in LUVs of DMPG in
the absence (left) and in the presence of AQS externally added (middle) or previously entrapped in the vesicles (right).
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BODIPY 500/510 C4,C9; Scheme 1) was used as the FRET
acceptor from HTMA-PFP. From the spectral overlap between
HTMA-PFP emission and BODIPY absorption spectra, a J =
4.97 × 1014 cm3 M−1 was obtained (see eq 3), considering a
molar extinction coefficient of ε = 101 000 M−1 cm−1 at 304
nm. This value was used in eq 2 to determine R0, considering a
quantum yield for HTMA-PFP in a lipid bilayer of 0.7, as
compared to 0.52 ± 0.03 measured in water,37 and a local
refractive index of n = 1.425.46 From this data, a value of R0 =
42 ± 2 Å is obtained, if an orientational factor κ2 = 2/3
(dynamic isotropic limit) is assumed. Given that the thickness
of the DMPG bilayer in fluid phase is ∼32 Å,47 it is clear that if
HTMA-PFP inserts on the surface or within the bilayer, a
significant energy transfer should be expected to occur. Figure
4A shows the emission spectrum of HTMA-PFP in LUVs of
DMPG containing BODIPY (1:500 acceptor:lipid molar ratio)
at 40 °C, together with those recorded in the absence of
acceptor or polymer. The decrease of HTMA-PFP emission
simultaneously with the increase of BODIPY emission upon
excitation at 380 nm (where the acceptor does not absorb) is a
clear evidence of FRET occurring. When different accept-
or:lipid molar ratios (1:1000, 1:750, and 1:500) were explored,
the same decrease in the polymer emission was observed (data
not shown). From these results, an efficiency of FRET of ∼40%
was estimated, using eq 4, after the correction procedure
described in the Experimental Section, confirming that HTMA-
PFP is inserted into the membranes. The existence of FRET
can be also used to estimate the kinetics of incorporation of the
polyelectrolyte into the membrane. This kinetics can be
monitored recording the increase produced in the fluorescence
intensity of BODIPY (λem = 516 nm), when it is excited at 380
nm, upon addition of HTMA-PFP. Figure 4A (inset) shows
how, in the absence of polymer, the fluorescence intensity of
LUVs containing BODIPY was practically negligible, while it
increased abruptly after polymer addition, reaching its
maximum value in the first seconds, which indicates that the
incorporation of HTMA-PFP into the membrane occurs very
fast. The fact that fluorescence intensity remains practically
constant after membrane polymer incorporation suggests that
once HTMA-PFP inserts into the bilayer it does not change its
location. The slight decrease observed in the fluorescence
intensity with time can be attributed to a small photobleaching
of the donor occurring after continuous irradiation. To confirm
this possibility, HTMA-PFP was incorporated into DMPG

vesicles in the absence of BODIPY, and the emission of
polymer (λem = 450 nm) was recorded as a function of time,
upon continuous excitation at 380 nm. A decrease lower than
10% was found after 20 min of irradiation, which was not
observed when the sample was maintained in the dark during
this time (see inset in Figure 4A).
Although FRET experiments confirm the interaction of

HTMA-PFP with DMPG vesicles, they do not inform whether
the polyelectrolyte remains located close of the surface or if it is
embedded in the lipid bilayer. The DLS results suggest that
HTMA-PFP inserts into the lipid membrane because the size of
the vesicle does not change after polymer interaction. This
hypothesis was checked from quenching experiments using
AQS, taking advantage that this quencher is water-soluble
remaining out of the lipid bilayer. When increasing
concentrations of AQS as those used above in water and
buffer were added to a suspension of DMPG LUVs containing
HTMA-PFP, no change in the fluorescence intensity of the
polymer was observed (Figure 2). The lack of quenching effect
could be due to repulsions occurring between the anionic
quencher and the DMPG vesicles, and therefore we
considerably increased the quencher concentration up to 5
μM, observing the same response (Figure 4B). This result
indicates that once HTMA-PFP interacts with the membrane, it
does not remain located close of the surface, but is embedded
in the lipid bilayer, supporting the previous hypothesis. A
similar experiment was performed, but this time the quencher
was added to the buffer before liposomes formation, to ensure
that AQS was also located in the aqueous inner cavity of the
liposomes. The aim was to explore whether HTMA-PFP was
able to cross the lipid bilayer. Results showed that there was
∼95% of polymer unquenched (Figure 4B), which suggests that
HTMA-PFP can migrate to the inner monolayer but that only a
small fraction of it should be located in the inner surface.

Effect of HTMA-PFP on the Lipid Vesicle Integrity. As
was described in the Introduction, the use of CPEs as probes
for bioimaging requires minimal perturbation of the sample
being studied. The above experiments suggest that the integrity
of the lipid vesicles is maintained after polymer incorporation.
This suggestion was confirmed by monitoring the induced
release of CF from DOPG vesicles in the presence of HTMA-
PFP. When this fluorophore is encapsulated at high
concentration in the aqueous cavity of liposomes, its
fluorescence decreases by an autoquenching process;48,49

Figure 5. (A) Fluorescence intensity of CF encapsulated in DOPG recorded at 550 nm (λexc = 492 nm) for increasing concentrations of HTMA-PFP
(0, 1.5, 22 μM) and after addition of Triton-X100 (10%). Phase contrast (B) and fluorescence microscopy images (C) of GUVs of DOPG in the
presence of HTMA-PFP.
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therefore, if the interaction of the polyelectrolyte with the lipid
membrane produces the rupture of the lipid vesicle or the
formation of pores, the trapped CF is released and fluoresces
strongly after its dilution in the buffer. Figure 5A shows the
fluorescence of CF encapsulated in liposomes composed of
DOPG at room temperature, recorded in the absence and in
the presence of increasing concentrations of HTMA-PFP and
compared to that obtained after addition of Triton X-100 10%
to induce lysis of vesicles. Results show that the presence of
polyelectrolyte at 1.5 μM does not modify the fluorescence
intensity of CF, indicating that the integrity of the lipid vesicles
is maintained at this polymer concentration. However, addition
of higher amounts of HTMA-PFP produced an increase in the
CF fluorescence which suggests that this polyelectrolyte, used
at higher concentrations, induces alterations in lipid packing,
resulting in membrane rupture or pore formation. This effect
could be attributed to the quaternary amine groups of the
polyelectrolyte as well as to its relatively rigid hydrophobic
backbone, which have been reported to disrupt bacterial
membranes (negatively charged) causing cell death.22 There-
fore, HTMA-PFP added at low concentrations should act as a
fluorescent membrane marker, while, when used at higher
concentrations, it could have some biocidal activity.
The integrity of the lipid vesicles in the presence of HTMA-

PFP was also confirmed by phase contrast and fluorescence
microscopy using GUVs formed by the gentle hydration
method.50 GUVs were composed of DOPG and microscopy
images were recorded at 25 °C (Figure 5b,c). Results show that
the polyelectrolyte interacts with the vesicles, labeling the lipid
membrane, but its presence does not alter the morphology of
the liposomes. In addition, no photobleaching was observed
during the acquisition period, confirming the photostability of
HTMA-PFP, which was previously shown in Figure 4 (inset),
and its ability to visualize membrane structures.
HTMA-PFP in Lipid Vesicles as a Function of Temper-

ature. As was previously mentioned, pure DMPG presents its
gel/fluid phase thermal transition (Tm) around 24 °C. Below
this temperature, the lipids exist as a solid-like gel, the acyl
chains being packed tightly against each other. Above 24 °C,
the lipids are in a fluid phase where the acyl chains are
disordered and rapid lateral diffusion of lipids occurs in the
plane of the membrane. Taking into account this property of
membrane, two types of studies were performed. First, we
explored whether the presence of HTMA-PFP altered the
thermotropic behavior and the structural order of the lipid
bilayer and, second, we analyzed whether the fluorescence
spectra of the polyelectrolyte were sensitive to the large
structural changes taking place in the lipid bilayer at the lipid
phase transition. For the first purpose, DSC and steady-state
fluorescence anisotropy experiments were performed on LUVs
of DMPG. Figure 6 (top) shows the thermograms recorded in
the absence and in the presence of HTMA-PFP 1.5 μM and 16
μM. The fact that the position, high and width of the main
peak, located near 24 °C, of the thermograms of DMPG
containing polyelectrolyte were virtually identical to that of the
pure lipid, even at 16 μM of concentration, indicates that the
cooperativity of the transition is preserved in the presence of
the polyelectrolyte and, therefore, HTMA-PFP is not disrupting
the overall structure of the lipid bilayer at the used
concentrations. These results were corroborated by the
anisotropy experiments carried out using the fluorescent
probe BODIPY 500/510 C4,C9 incorporated in DMPG (note
that the traditional fluorescent probe diphenylhexatriene, DPH,

could not be used because it absorbs in the same region as
HTMA-PFP). The plot of the steady-state fluorescent
anisotropy, ⟨r⟩, of a membrane fluorescent probe versus
temperature is a common tool used for liposomes character-
ization. For pure phospholipids, the characteristic shape of the
plot is sinusoidal, with a sharp transition of anisotropy values in
a short-range of temperatures in which the average value
correspond to Tm. Thus, the plot provides an accurate
determination of the Tm value, which is strongly dependent
on the natural dynamic motions of the bilayer and, hence, can
be correlated with the structural integrity of the lipid bilayer.
Figure 6 (bottom) shows the changes of anisotropy, ⟨r⟩,
recorded in DMPG LUVs in the absence and presence of 1.5
μM HTMA-PFP. The anisotropy values and the shape of the
curves are very similar in the two samples: ⟨r⟩ slightly decreases
with increasing temperature, with a sharp drop occurring at Tm,
evidencing that the lipid packing of the bilayer is preserved after
incorporation of HTMA-PFP.
For the second purpose, the fluorescence emission spectra of

HTMA-PFP were recorded in DMPG as a function of
temperature, and were compared with those obtained in
DOPG, an unsaturated lipid that does not show phase
transition in the observed temperature range (Figure 7 and
inset). The increase in temperature, from 10 to 40 °C, induced
a totally different effect in both lipid systems. In DOPG,
fluorescence intensity decreased as temperature increased and
the spectrum became slightly less resolved, suggesting an
increase in the degree of freedom of the polymer chain with
temperature. By contrast, in DMPG, a clear blue-shift in the

Figure 6. (Top) DSC thermograms of LUVs of DMPG in the absence
and in the presence of 1.5 μM and 16 μM HTMA-PFP at
temperatures between 15 and 36 °C. (Bottom) Anisotropy values,
⟨r⟩, of BODIPY C4C9 in LUVs of DMPG in the absence (black
squares) and presence (circles) of 1.5 μM HTMA-PFP.
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emission spectrum was observed when going from 10 to 40 °C,
as well as a slight increase in intensity. Plots of the emission
maximum wavelength peak, λmax, and of the maximum intensity,
Imax, against temperature are shown in Figure 8A. Results show

how these parameters, especially λmax, change at the transition
temperature, which indicates that polyelectrolyte fluorescence is
sensitive to the physical state of the lipid bilayer. The changes
observed in these experiments were reversible, and a similar
spectral shift was found when the same sample was allowed to
cool at 10 °C and heated again. The fact that the emission
spectrum of HTMA-PFP in the gel phase is red-shifted with
respect to that recorded in fluid phase and the reversibility of

the process suggest that the tight packing of lipid chains below
the transition temperature forces the polymer to adopt a
planarized conformation of phenyl rings extending the effective
π-conjugation length.51 In contrast, above the transition
temperature, in the fluid phase, the polymer can twist to
form various conformations, preventing the delocalization of π-
electrons over the entire chain.
The lipid phase transition of DMPG was also detected by

HTMA-PFP from FRET experiments performed as a function
of temperature, using BODIPY C4,C9 as acceptor. The
fluorescence spectra of the polymer were recorded from 10
to 40 °C in the absence and presence of acceptor, and the
efficiency of the process was determined from eq 4 (Figure 8B).
Results show that in gel phase the FRET efficiency is very high
and decreases with increasing temperature, with a sharp drop
occurring at the lipid phase transition. This behavior was
reversible and could be attributed to several factors. On one
hand, it is possible that the variation in the FRET efficiency was
due to differences in the overlap integral, J, caused by the
emission spectral shift of HTMA-PFP occurring during the
phase transition. On the other hand, the fact that the average
lipid−lipid distance as well as the lipid vesicle volume are
higher when the bilayer is in fluid phase (see Table 1) can lead
to an increase in the distance between HTMA-PFP and
BODIPY, reducing the FRET efficiency with respect to that
obtained in gel phase.

■ CONCLUSIONS
In conclusion, this study uses different approaches to explore
the interaction between the cationic CPE HTMA-PFP and
anionic lipid vesicles in order to evaluate the potential use of
this polyelectrolyte as a fluorescent membrane marker. Results
show that HTMA-PFP rapidly incorporates into the membrane
with high affinity, being embedded within the lipid bilayer
where it shows high fluorescence efficiency and good stability,
allowing the visualization of the membrane structures by
fluorescence microscopy. This interaction perturbs neither the
morphology of the vesicles nor their lipid packing, thus
preserving their structural integrity. The good sensitivity of the
HTMA-PFP fluorescence to the physical state of the lipid
bilayer makes it an interesting tool for detecting lipid phase
changes. In addition, the polyelectrolyte is a good FRET donor
for acceptors emitting over the whole visible spectrum because
of its high fluorescent quantum yield and blue emission and it
has been also described for our group as an adequate energy
acceptor from tryptophan residues in peptides and proteins.29

These properties extend the potential applications of HTMA-
PFP to be used for monitoring membrane-ligand interactions
and liposome drug delivery. Finally, the fact that the bacterial
membranes is rich in anionic lipids, principally phosphatydil-
glycerol, makes HTMA-PFP a suitable candidate for the study
or the detection of pathogenic bacterial cells, by selectively
targeting the bacterial membrane over the mostly zwitterionic
membrane surfaces of healthy mammalian cells.52 It could have
many applications in health and environmental testing. For
example, currently there is a big need to develop highly
sensitive assays able to detect and visualize very small numbers
of pathogenic bacterial cells in biomedical samples or in food
and drinking water.53,54 For that, it is necessary first to know
the behavior of the polyelectrolyte in the presence of vesicles
composed of zwitterionic phospholipids, as well as in samples
containing both anionic and zwitterionic vesicles, which is the
scope of our next study.

Figure 7. Fluorescence emission spectra of HTMA-PFP in LUVs of
DMPG recorded as a function of temperature from 10 to 40 °C. Inset:
Fluorescence emission spectra of HTMA-PFP in LUVs of DOPG as a
function of temperature.

Figure 8. (A) Dependence with the temperature of the fluorescence
maximum position (black squares) and intensity (circles) of HTMA-
PFP in LUVs of DMPG. (B) Effect of temperature on the FRET
efficiency between HTMA-PFP and BODIPY C4C9 in LUVs of
DMPG.
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U.; Pinazo, A.; Peŕez, L.; Morań, M. C. J. Mol. Liq. 2010, 156, 18−27.
(35) Monteserín, M.; Burrows, H. D.; Valente, A. J. M.; Lobo, V. M.
M.; Mallavia, R.; Tapia, M. J.; García-Zubiri, I. X.; Di Paolo, R. E.;
Maca̧nita, A. L. J. Phys. Chem. B 2007, 111, 13560−13569.
(36) Monteserín, M.; Burrows, H. D.; Valente, A. J. M.; Mallavia, R.;
Di Paolo, R. E.; Maca̧nita, A. L.; Tapia, M. J. J. Phys. Chem. B 2009,
113, 1294−1302.
(37) Wang, S.; Bazan, G. C. Chem. Commun. 2004, 10, 2508−2509.
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Abstract: This paper explores the interaction mechanism between the conjugated 

polyelectrolyte {[9,9-bis(6'-N,N,N-trimethylammonium)hexyl]fluorene-phenylene}bromide 

(HTMA-PFP) and model lipid membranes. The study was carried out using different 

biophysical techniques, mainly fluorescence spectroscopy and microscopy. Results show 

that despite the preferential interaction of HTMA-PFP with anionic lipids, HTMA-PFP 

shows affinity for zwitterionic lipids; although the interaction mechanism is different as 

well as HTMA-PFP’s final membrane location. Whilst the polyelectrolyte is embedded 

within the lipid bilayer in the anionic membrane, it remains close to the surface, forming 

aggregates that are sensitive to the physical state of the lipid bilayer in the zwitterionic 

system. The different interaction mechanism is reflected in the polyelectrolyte fluorescence 

spectrum, since the maximum shifts to longer wavelengths in the zwitterionic system. The 

intrinsic fluorescence of HTMA-PFP was used to visualize the interaction between 

polymer and vesicles via fluorescence microscopy, thanks to its high quantum yield and 

photostability. This technique allows the selectivity of the polyelectrolyte and higher 

affinity for anionic membranes to be observed. The results confirmed the appropriateness 

of using HTMA-PFP as a membrane fluorescent marker and suggest that, given its 

different behaviour towards anionic and zwitterionic membranes, HTMA-PFP could be 

used for selective recognition and imaging of bacteria over mammalian cells. 
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1. Introduction 

Polyelectrolytes are polymers of any type and structure that carry positively or negatively charged 

ionizable groups. The interaction of these macromolecules with lipids or cell membranes play an 

important role in many biophysical applications, such as a safe and targeted delivery of genetic material 

to cells, stabilization of liposomes, or antimicrobial activity [1–5]. Conjugated polyelectrolytes (CPEs) 

are a particular type of polyelectrolytes, which have very interesting properties. They are polymers with 

π-conjugated backbones, which show strong absorption and high efficiencies in both photoluminescence 

and electroluminescence, and contain ionic side groups to facilitate their water solubilisation [6,7]. Over 

the past decades, CPEs have received a lot of attention in biomedical applications, especially for 

developing biosensing schemes and sensing devices for biomolecules [8–11], and more recently they 

have been employed as novel fluorescent probes for bioimaging [12–19]. Among CPEs, those 

involving fluorene-based systems offer the advantage of high fluorescence quantum yields and 

photostability, blue emission (suitable for energy transfer experiments), excellent thermal stability and 

high stability against oxidants, as well as good synthetic accessibility [19,20]. In addition, fluorene-

based CPEs consist of a rigid hydrophobic polyfluorene backbone with flexible charged side chains, 

which induces interesting aggregation behaviour; this phenomenon directly affects their intrinsic 

fluorescence [21–24]. These properties have been used for studying interactions with biomolecules, 

such as proteins and DNA, allowing sensing platforms to be developed. However, the interaction of 

charged polyfluorenes with model lipid membranes, which imitate the complexity of natural cell 

membranes, still remains practically unexplored [25–27]. This study is of interest for predicting and 

understanding the mechanism of interaction with real cell membranes in order to develop new 

biotechnological applications. 

The cationic polyelectrolyte poly{[9,9-bis(6'-N,N,N-trimethylammonium)hexyl]fluorene-phenylene} 

bromide (HTMA-PFP) is a water-soluble polyfluorene, consisting of a backbone and alkyl side chain 

hydrophobic moieties, while the cationic charged quaternary amines control electrostatic interactions 

(Figure 1) [28,29]. Due to this structure, the polyelectrolyte tends to establish nonspecific electrostatic 

interactions with species of opposite charge, such as DNA or proteins like human serum albumine 

(HSA), which can be monitored from changes in its absorption and intrinsic fluorescence [25,27]. In 

addition, the polyelectrolyte is a good energy transfer donor for acceptors over a large part of the visible 

spectrum because of its high fluorescent quantum yield and blue emission, and it has also been shown to 

be an adequate energy acceptor from tryptophan residues in peptides and proteins [25,30]. Recently, we 

explored the interaction of HTMA-PFP with vesicles composed of anionic phospholipids [31]. In that 

study, we concluded that the polyelectrolyte rapidly incorporated into the membrane with high affinity, 

being embedded within the lipid bilayer where it showed high fluorescence efficiency and good 

stability. These properties allow the visualization of the lipid vesicles with fluorescence microscopy. 
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Figure 1. (a) HTMA-PFP chemical structure; (b) the conformation of a tetramer of 

HTMA-PFP obtained using molecular dynamics simulations. 

 

(a) 

 

(b) 

Fluorescent imaging of bacterial infection by selectively targeting the bacterial membrane over the 

membrane surfaces of healthy mammalian cells has emerged as a powerful tool with many health and 

environmental applications, such as visualizing small populations of bacterial cells in biological fluids 

or in food and drinks [32–35]. However, in spite of its advantages, to date only a small number of 

targeting probes have been reported for the aforementioned application. Ideal markers should be highly 

fluorescent, water-soluble, biocompatible, photostable, and composed of two structural components: 

an affinity ligand and a reporter group. The high affinity of HTMA-PFP for anionic lipids, the 

dominant lipid component in bacterial membranes, as well as its high fluorescence quantum yield and 

photostability makes HTMA-PFP a suitable candidate for this task. To explore this possibility, the 

selectivity of the polymer against model bacterial and mammalian membranes should be investigated. 

It is known that the mammalian plasma membrane is rich in zwitterionic lipids. By varying the lipid 

composition of the model membranes, it is possible to mimic both types of cell membranes. In this paper, 

we investigated the affinity and mechanism of HTMA-PFP interaction with membranes composed of 

zwitterionic phospholipids and the results were compared with those obtained in anionic membranes. 

In addition, we determined the behaviour of the polyelectrolyte in samples that simultaneously 

contained both anionic and zwitterionic vesicles in different ratios. Finally, it is known that molecules 
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having quaternary amine groups are able to disrupt bacterial membranes causing cell death [36–38], 

and therefore, the membrane perturbing activity of HTMA-PFP was also evaluated.  

2. Results and Discussion 

2.1. HTMA-PFP in Zwitterionic Membranes 

In a previous paper, we investigated the behaviour of HTMA-PFP in buffer and in the presence of 

vesicles composed of anionic phospholipids [31]. The polyelectrolyte showed a low fluorescence 

quantum yield and a red-shift of the emission spectrum in buffer, which was attributed to the formation 

of metastable aggregates by self-assembly of the polymer hydrophobic chains and to the existence of 

nonspecific electrostatic interactions between these aggregates and anionic species contained in the 

buffer. A strong increase in the fluorescence intensity and a blue-shift of the spectrum was observed in 

the presence of low concentrations of anionic vesicles, indicating that HTMA-PFP interacts with the 

lipid bilayer with high affinity and, as a consequence of this interaction, the polymer chains become 

more extended than in buffer and the probability of polymer-polymer interaction (aggregation) is 

reduced. Additional experiments showed that the polyelectrolyte penetrates into the hydrophobic  

core, labelling the lipid bilayer without altering the morphology of the vesicles and allowing  

their visualization. 

The high affinity of HTMA-PFP to anionic phospholipids is probably due to the electrostatic 

interaction between the quaternary amine groups of HTMA-PFP and the negative charge of the lipid 

head groups. Therefore, it should be of interest to know how the polymer-membrane interaction is 

affected by the lipid charge in order to determine the membrane selectivity of HTMA-PFP and 

evaluate its potential use as a fluorescent probe for bacterial imaging. To this end, we studied  

the interaction mechanism of the polyelectrolyte with lipid vesicles composed of zwitterionic 

phospholipids, comparing the results with those obtained for anionic lipid vesicles. As a first step, the 

affinity of HTMA-PFP to zwitterionic membranes was evaluated in samples containing large 

unilamellar vesicles (LUVs) of 1,2-Dimyristoyl-sn-glycero-3-phosphocholine (DMPC). Samples were 

prepared with increasing lipid concentrations (up to 1 mM) and the same concentration of HTMA-PFP 

(1.5 μM, in terms of repeat units). The temperature was maintained at 40 °C to ensure that the lipid 

bilayer was in fluid phase (DMPC presents its main thermal phase transition around 24 °C). Figure 2a 

shows the emission spectra recorded for the different samples. An enhancement of the fluorescence 

intensity and a very small blue-shift in the spectrum was observed up to a lipid concentration of about 

1 mM. Higher concentrations of lipid did not significantly modify the fluorescence signal, suggesting 

that, at this lipid concentration, all the polymer chains interacted with the lipids and no aggregates 

remained in the buffer. Changes in the fluorescence intensity were used to estimate the partition 

coefficient of the polyelectrolyte between the zwitterionic membrane and the aqueous phase (KP), 

which is defined in terms of molar concentrations as: 

KP = 
     

     
 (1) 

where ni stands for moles of compound in phase i and Vi for volume of phase i. The phase is either 

aqueous (i = W) or lipidic (i = L). The quantitation of KP was performed according to [39]: 
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∆I = 
        

 

   
     

 (2) 

where ∆I (∆I = I − I0) stands for the difference between the fluorescence intensity of HTMA-PFP 

measured in the presence (I) and in the absence (I0) of the phospholipid vesicles, ∆Imax = I∞ − I0 is  

the maximum value of this difference once the limiting value is reached (I∞) upon increasing the 

phospholipid concentration [L], and   is the molar volume of the phospholipid (for DMPC in the fluid 

phase the value of   is 0.9 M
−1

) [40]. Comparing these results with those obtained for liposomes 

composed of the anionic phospholipid 1,2-Dimyristoyl-sn-glycero-3-phospho-rac-(1-glycerol) DMPG 

(see inset in Figure 2a), we conclude that HTMA-PFP shows higher affinity for anionic vesicles than 

for zwitterionic ones. In fact, the KP value obtained for DMPG in the previous paper was one order of 

magnitude higher than that for DMPC [31]. 

Figure 2. (a) Emission spectra recorded for HTMA-PFP (1.5 µM) at different DMPC 

concentrations 0, 0.001, 0.002, 0.003, 0.004, 0.005, 0.05, 0.085, 0.5, 1 mM. Inset: changes 

in fluorescence intensity (∆I) at increasing concentrations of DMPC (black line) and 

DMPG (gray line); (b) incorporation kinetics of HTMA-PFP in DMPC (black line) and 

DMPG (gray line) labelled with BODIPY 500/510 C4, C9 measured at 40 °C by monitoring 

the fluorescence intensity recorded at em = 516 nm (ex = 380 nm) after addition of 

polyelectrolyte. 

 

The incorporation kinetics of the polyelectrolyte into the zwitterionic membrane was explored by 

means of FRET experiments using BODIPY 500/510 C4, C9, which was previously shown to be a 

good energy acceptor of HTMA-PFP [31]. This BODIPY fatty acid was incorporated into the DMPC 

membrane before polymer addition, at a probe:lipid molar ratio of 1:500. Its fluorescence emission 

(em = 516 nm) was practically negligible upon excitation at the absorption maximum wavelength of 

the polymer (380 nm), which was an expected result, since BODIPY does not absorb appreciably at 

this wavelength. HTMA-PFP’s interaction with the membrane was monitored by recording the 

increase in the fluorescence signal as a function of time, as a consequence of the polymer-BODIPY 

energy transfer, and the plot was compared to that recorded for the anionic membrane under the same 

conditions (Figure 2b). The fluorescence intensity of BODIPY increased abruptly within a few minutes 
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after polymer addition, indicating that the interaction of HTMA-PFP with the zwitterionic lipid bilayer 

is very fast; however, it was slower than that observed for the anionic membrane, which occurred 

within the first few seconds. 

The higher affinity of the polymer for the anionic vesicles and faster incorporation kinetics indicate 

that the nature of the interaction between HTMA-PFP and the lipid membrane depends on the lipid 

charge, which is mainly electrostatic for the anionic system, at least in a first step, while for the 

zwitterionic one it would likely be mediated by hydrophobic interaction between the conjugated 

backbone of the polymer and the lipid molecules. The differences observed in the fluorescence spectra 

of the polyelectrolyte in both types of lipids also point to a different interaction mode. Figure 3 shows 

the normalized excitation and emission spectra of HTMA-PFP in DMPC as compared to those 

obtained in DMPG and buffer. In DMPG, the emission maximum intensity was observed at 411 nm, 

while in DMPC and buffer, it was located at 418 and 422 nm, respectively. Simultaneously to the  

blue-shift, an increase in fluorescence intensity was observed (data not shown), which probably 

indicates that the metastable aggregates formed in buffer break-up upon interaction with membranes; 

this effect was more pronounced in the anionic bilayer than in the zwitterionic. The break-up of 

aggregates would decrease the conjugation length, shifting the emission spectrum to shorter 

wavelengths. The excitation spectra support this interpretation, since the red-shift and broadness of the 

band are associated with an increase in the aggregation of the polyelectrolyte [20,25,41]. All these 

results make evident the different interaction mechanism and suggest that aggregates of HTMA-PFP 

are better solubilised in the anionic membrane than in the zwitterionic. 

Figure 3. Normalized (a) excitation and (b) emission fluorescence spectra of  

HTMA-PFP in buffer (blue dotted line), LUVs of DMPC (black line) and LUVs of DMPG 

(red dashed line) recorded at 40 °C. 

 

To obtain more insight of the membrane-polyelectrolyte interaction, quenching experiments were 

carried out using the anionic electron acceptor 9,10-anthraquinone-2,6-disulfonic acid (AQS) as a 

fluorescence quencher. This molecule has been reported to be an excellent quencher for cationic 
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conjugated polyelectrolytes and is soluble in water, but not in lipid membranes [42,43]. In our previous 

paper, AQS was not capable of deactivating HTMA-PFP’s fluorescence when HTMA-PFP was 

incorporated into anionic DMPG vesicles, indicating that the polyelectrolyte does not remain located 

close to the membrane surface, but is embedded into the lipid bilayer [31]. A similar experiment was 

performed in zwitterionic vesicles and the results are shown in Figure 4. Contrary to what was 

observed for anionic membranes, when increasing concentrations of AQS were added to a suspension 

of DMPC LUVs containing HTMA-PFP, a decrease in the fluorescence signal of the polyelectrolyte 

was observed. The corresponding Stern-Volmer plot was linear in the concentration range studied (up 

to 10 µM) and a value of Ksv = 1.4 × 10
5
 M

−1
 was extracted from the slope of the plot. This value was 

used to calculate the bimolecular rate constant of the quenching process kq, assuming  = 520 ps [30]. A 

high value of 2.7 × 10
14

 M
−1
∙s

−1
 was found, which indicates, as expected, the formation of static quenching 

complexes between AQS and polymer. This value is, however, lower than that of  

1.5 × 10
16

 M
−1
∙s

−1
 obtained in buffer [31], indicating a more reduced accessibility of the quencher to 

the membrane-bound polyelectrolyte as compared to the polyelectrolyte in solution. This result 

confirms that HTMA-PFP is incorporated into the lipid vesicle, but indicates that it remains near or at 

the surface of the bilayer and not in the hydrophobic core (see Figure 5). 

HTMA-PFP’s interaction with the zwitterionic lipid membrane was also evaluated from fluorescence 

microscopy images, using giant unilamellar vesicles (GUVs) prepared by the electroformation method. 

GUVs were composed of the zwitterionic phospholipid 1,2-Dioleoyl-sn-glycero-3-phosphocholine 

(DOPC) instead of DMPC to facilitate vesicle formation. GUVs were labelled with the fluorophore 

BODIPY-PC, which absorbs in the visible range without interfering with the absorption of HTMA-PFP. 

Images were recorded at 25 °C upon irradiation with visible- and UV-light. Figure 6 shows representative 

images of vesicles obtained after addition of low polymer concentrations. The results confirmed that 

HTMA-PFP was incorporated into the lipid vesicles, retaining their structural integrity without altering 

their spherical morphology. No photobleaching was observed during the acquisition period, confirming the 

photostability of HTMA-PFP in the zwitterionic system and its possible utilization as a fluorescent 

membrane marker, as was already reported in the previous paper for anionic vesicles [31]. 

Figure 4. Stern-Volmer plots for quenching of HTMA-PFP (1.5 µM) by AQS in LUVs of 

DMPC (solid squares) and in LUVs of DMPG (circles). Measurements were performed  

at 40 °C. 
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Figure 5. Schematic model, which shows the interaction between HTMA-PFP and  

lipid vesicles composed of (a) anionic and (b) zwitterionic vesicles in gel and  

fluid phases. 

 

Figure 6. Fluorescence microscopy images of GUVs composed of DOPC labelled with 

BODIPY-PC, recorded upon irradiation with (a) visible- and (b) UV-light, after addition  

of HTMA-PFP. 

 

2.2. Effect of Temperature 

It is well known that membranes composed of a single species of lipid molecules display a thermal 

phase transition associated with trans-gauche isomerizations of the lipid chains, which brings the 

bilayer from an ordered gel to a disordered fluid state. In biological membranes, the lipids are mainly 

in a fluid phase, which facilitates lateral diffusion and conformational changes of membrane proteins. 
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Therefore, to better simulate biological membranes, all the aforementioned experiments were carried 

out at 40 °C to ensure that the lipid bilayer was in the fluid phase (both DMPC and DMPG present 

their thermal phase transition around 24 °C), with exception of the microscopy experiments which 

were performed at 25 °C, since the transition temperature of DOPC occurs below 0 °C. However, it is 

of interest to know how the large structural changes taking place in the lipid bilayer in the lipid phase 

transition affect polyelectrolyte behaviour. This study might lead to more insight into the polymer-

membrane interaction mechanism. The effect of temperature on HTMA-PFP incorporated in DMPG 

was explored in the previous paper [31]. Results showed a clear red-shift in the emission spectrum 

when the membrane was in the gel phase and a slight decrease in fluorescence intensity accompanied 

by an increase in the vibrational structure. This behaviour was explained by the chemical structure of 

the polyelectrolyte shown in Figure 1. Probably, the tight packing of lipid chains below the transition 

temperature forces the polymer to adopt a planar conformation of phenyl rings, reducing its 

conformational flexibility and extending the effective π-conjugation length, shifting the emission to 

red [44]. In contrast, above the transition temperature, the polymer can twist to form various 

conformations, preventing the delocalization of π-electrons over the entire chain (Figure 5a). 

When the effect of temperature was explored in zwitterionic vesicles, a different behaviour  

was observed as compared with that in anionic vesicles. In this case, the fluorescence quantum yield of 

HTMA-PFP decreased abruptly in the gel phase and only a very slight red shift was detected in the 

emission spectrum (~2 nm). Changes in fluorescence intensity were plotted as a function of 

temperature (Figure 7a). The results showed that from 5 to 12 °C, the fluorescence signal was 

practically constant. However, a significant increase was observed from 13 °C, reaching its maximum 

at 24 °C. One of the possible explanations for this result is that the presence of the polymer in the 

bilayer disrupts the van der Waals interactions between phospholipids, shifting the phase transition to 

lower temperatures. To explore this possibility, differential scanning calorimetry (DSC) experiments 

were performed on DMPC LUVs containing HTMA-PFP. Figure 7b shows the thermograms recorded 

in the absence or presence of increasing concentrations of polyelectrolyte (1.5, 16 and 50 µM). From 

the analysis of these thermograms, transition temperatures (Tm) and enthalpies were calculated (see 

legend in Figure 7b). The fact that the values obtained for DMPC containing polyelectrolyte were 

similar to those of the pure lipid, even at 50 µM of concentration, indicates that the cooperativity of the 

transition is preserved in the presence of the polymer and, therefore, HTMA-PFP is not disrupting the 

overall structure of the lipid bilayer at the used concentrations. The second possibility is that the 

polyelectrolyte is sensitive to the lipid pretransition. The lipid pretransition is a low enthalpy transition 

below the main phase transition of lipid membranes in which a flat membrane in the gel phase 

transforms into a periodically undulated bilayer (ripple phase) with a corrugated surface profile. 

Generally, it is assumed that the lipids in the ripple phase are mainly in the all-trans configuration, as 

in the gel phase. However, several studies point to the existence of fluid regions coupled with the 

geometry of the ripples and suggest that both pretransition and main transition are caused by the same 

physical effect, namely chain melting [45,46]. For DMPC, this phenomenon take places around 14 °C. 

Therefore, the increase in the fluorescence intensity of HTMA-PFP at 14 °C might be attributable to 

the conformational changes and/or to the change in location experienced by the polymer as a 

consequence of these structural alterations, which mainly affect the membrane surface. In order to 

check this possibility, we carried out a similar experiments, but incorporated the polyelectrolyte in 
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lipid vesicles composed of 1,2-Dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), a zwitterionic 

phospholipid that presents its pretransition and main phase transition at 33.5 and 41 °C, respectively. 

In this case, HTMA-PFP fluorescence intensity was practically constant up to 33 °C and increased 

from 34 to 42 °C, coinciding with the initiation and completion of the acyl chain melting process 

(Figure 7a). DSC analysis was also performed for DPPC in the absence and presence of different 

concentrations HTMA-PFP. As was observed for DMPC, the Tm and transition enthalpies were similar 

to those of pure lipid (data not shown). 

Figure 7. (a) Temperature dependence of the fluorescence intensity measured as the 

integrated area under the spectrum of HTMA-PFP (1.5 µM), recorded in DMPC (black 

squares) and DPPC (circles); (b) DSC thermograms of DMPC LUVs in the absence  

(Tm = 24.5; ∆H = 6.0 kcal/mol) and presence of HTMA-PFP at concentrations of 1.5 µM 

(Tm = 24.5; ∆H = 6.9 kcal/mol), 16 µM (Tm = 24.5; ∆H = 6.6 kcal/mol) and 50 µM  

(Tm =24.5; ∆H = 6.1 kcal/mol).  

 

This result supports the hypothesis that HTMA-PFP aggregates are located near the bilayer surface 

and are, therefore, sensitive to changes occurring in this membrane region. Probably, below the 

pretransition, the polymer aggregates are mainly adsorbed on the surface of the vesicles instead of 

incorporated into the lipid bilayer (Figure 5). The beginning of pretransition allows the aggregates to 

solubilize better in the lipid membrane, leading to an increased fluorescence intensity. To confirm this 

assumption, a quenching experiment, similar to the one described before, was carried out in DMPC 

below the pretransition temperature at 10 °C. The quenching efficiencies were lower than those 

observed for the polymer in buffer, but 3-times higher than those in the fluid phase, suggesting a 

higher accessibility of the quencher to the polyelectrolyte (data not shown). This result indicates that, 

at this temperature, HTMA-PFP still interacts with the zwitterionic membrane, but remains in the 

lipid/water interface and is more exposed to the solvent than in the fluid phase. 
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2.3. Selectivity of HTMA-PFP against Anionic and Zwitterionic Membranes 

The above results confirm that the nature of the interaction between HTMA-PFP and lipid 

membranes depends on the lipid charge. Although an electrostatic interaction is expected to be 

responsible for the high affinity of HTMA-PFP for the anionic membrane, the final location of the 

polyelectrolyte, which is well embedded into the bilayer core, indicates that hydrophobic forces also 

contribute to its solubilisation, reducing its aggregation state and increasing the fluorescence quantum 

yield compared to zwitterionic membranes. This behaviour suggests that HTMA-PFP is selective for 

anionic vesicles and can, therefore, be used as a potential bacterial membrane marker. The fact that the 

position of the fluorescence emission spectrum of HTMA-PFP depends on the lipid charge was used as 

a tool to confirm this hypothesis in this study. A series of samples containing different ratios of DMPC 

and DMPG LUVs (final concentration 1 mM) were prepared and the fluorescence spectrum of  

HTMA-PFP was recorded for each sample at 40 °C (Figure 8a). The results show a clear shift of the 

spectral maximum from 418 to 411 nm, when the DMPG LUVs content is increased. When the sample 

was composed of equal amounts of DMPC and DMPG, the spectral maximum was observed at  

411 nm, indicating that all the polymer chains were incorporated into the anionic membrane and not 

into the zwitterionic. These results confirm the higher affinity of HTMA-PFP for the anionic 

membrane and can be better seen by plotting the wavelength of the maximum spectral as a function of 

the lipid composition (Figure 8b). The plot shows that the presence of a small amount of DMPG 

vesicles is sufficient to observe the position of the maximum closer to 411 than to 418 nm. This 

conclusion was supported by quenching experiments, which were carried out on the samples using 

AQS as a quencher (Figure 8c). If effectively all the polymer chains are embedded in the anionic 

vesicles, then they should not be accessible to the quencher. The fact that the quenching efficiency was 

close to 0% for samples containing a small amount of DMPG LUVs confirms this hypothesis, 

confirming the selectivity of HTMA-PFP for anionic lipids. 

The preference of HTMA-PFP towards anionic membrane suggests, but does not prove, that the 

polyelectrolyte can be used to label and visualize populations of anionic vesicles over zwitterionic 

vesicles. To test this ability, we prepared two series of GUVs at the same lipid concentration, but  

with different composition. The first GUVs were composed of zwitterionic lipids of DOPC and labeled 

with the fluorescent probe BODIPY-PC, which could be visualized upon excitation with visible-light. 

The second series of GUVs also contained DOPC, but were mixed with anionic lipids of  

1,2-Dioleoyl-sn-glycero-3-phospho-rac-(1-glycerol) (DOPG) in a molar ratio of 3:1 (note that GUVs 

of pure anionic lipids cannot be formed by the electroformation method); no fluorescent probe was 

added, so they could not be observed via fluorescence microscopy. Equivalent volumes of both 

preparations were transferred to the same well and microscopy images were recorded before and after 

the addition of HTMA-PFP. As expected, in the absence of the polymer both types of vesicles were 

visualized by phase contrast microscopy (Figure 9a), but only some of them (the zwitterionic) were 

fluorescent under Vis-light (Figure 9b), and no fluorescence image was detected when the sample was 

excited with UV-light. Fluorescence microscopy images recorded after addition of polyelectrolyte are 

shown in Figure 10. The pictures show that the vesicles that fluoresce in green upon irradiation with 

visible light (Figure 10a) are different from those fluorescing in blue with UV-light (Figure 10b). This 
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result is direct evidence that the polyelectrolyte selectively labels the anionic vesicles and, therefore, 

supports its potential use as a bacterial imaging probe. 

Figure 8. (a) Normalized fluorescence emission spectra of HTMA-PFP (1.5 µM) in a 

mixture of DMPC and DMPG LUVs (final lipid concentration 1 mM) recorded at 

increasing anionic vesicle content; (b) position of the fluorescence maximum as a function 

of increased DMPG vesicle percentage; (c) fluorescence quenching percentage of  

HTMA-PFP (1.5 µM) with AQS (5 µM) versus increased DMPG vesicle percentage. 

 

Figure 9. Microscopy images of a mixture of GUVs of DOPC-BODIPY and DOPC/DOPG 

(3:1) observed by (a) phase contrast microscopy and (b) upon excitation with  

Vis-light (both images correspond to the same field). 
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Figure 10. Fluorescence microscopy images of a mixture of GUVs of DOPC-BODIPY and 

DOPC/DOPG (3:1) observed after HTMA-PFP addition, upon excitation with (a) Vis-light 

and (b) UV-light (both images correspond to the same field). 

 

2.4. Ability of HTMA-PFP to Destabilize Anionic Vesicles 

Molecules with quaternary amine groups have been reported to disrupt bacterial membranes causing 

cell death [36,37]. The biocide action involves perturbation of the bacterial membrane lipid bilayers 

through interaction of the positively charged quaternary nitrogen with the polar phospholipid head 

groups. The hydrophobic part of the molecule subsequently interacts and inserts into the hydrophobic 

membrane core, causing the rearrangement of the membrane and the subsequent leakage of 

intracellular constituents [38]. Recently, a series of cationic poly(phenylene ethynylene) (PPE)-based 

conjugated polyelectrolytes containing pendant quaternary amine groups have been described as 

exhibiting biocidal activity against a variety of bacterial species [47]. In order to explore if  

HTMA-PFP with these cationic groups could also be used to this end, we evaluated the membrane 

stability of anionic vesicles as a function of time in the presence of increasing concentrations of 

polyelectrolyte. Stability was assessed through leakage experiments using the fluorophore 

carboxyfluorescein (CF), whose absorption and fluorescence do not interfere with that of HTMA-PFP. 

CF was encapsulated at high concentrations in the aqueous cavity of LUVs composed of DOPG, as 

described in the Experimental Section. Under these conditions, the CF fluorescence is very low due to 

self-quenching [48,49]. If the vesicle membrane is perturbed by the incorporation of polyelectrolyte, 

then the dye is released and the fluorescence signal increases after its dilution in buffer. CF leakage 

was calculated from Equation (3): 

0

max

CF leakage
F F

F F





 (3) 

where F0 and F are the fluorescence intensities of CF in the vesicles in the absence and presence of 

HTMA-PFP, respectively, and Fmax is the maximum fluorescence intensity of the sample observed 

after addition of Triton-X100 (10%) that causes the complete lysis of the vesicles. Figure 11 shows the 

fluorescence leakage profiles from DOPG vesicles upon addition of three increasing concentrations of 

polyelectrolyte. Results show that at 1.5 µM of HTMA-PFP, the fluorescence leakage was practically 
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zero and therefore the integrity of the anionic vesicle is maintained at this polymer concentration,  

as was observed in the previous study [31]. However, higher concentrations caused membrane 

perturbation and the dye leakage increased as a function of the polymer concentration. The leakage 

process was very fast, occurring within the first few seconds after the addition of the polyelectrolyte. 

This suggests that, at these concentrations, the polymer is able to alter the integrity of the anionic 

vesicles, and that, once internalized, it quickly disrupts the lipid bilayer resulting in membrane rupture. 

Figure 11. Fluorescence leakage profiles from DOPG vesicles with the addition of  

HTMA-PFP (1.5 µM; light grey, 22 µM; grey, 60 µM; black line) to phosphate buffer at 

room temperature. 

 

3. Experimental Section 

3.1. Materials 

The cationic CPE HTMA-PFP (M = 8340 g/mol, repeat unit molecular weight, 694.71 g/mol;  

n' = 12 based on polyfluorene calibration) was obtained and characterized in our laboratory as 

previously described [50,51]. In brief, a low-molecular-weight batch of the neutral polymer,  

poly[9,9-bis(6'-bromohexyl)fluorene-phenylene], was synthesized by Suzuki coupling with Pd(II) as a 

catalyst and treated with gas-phase trimethylamine to obtain the corresponding cationic 

polyelectrolyte. Stock solutions of HTMA-PFP (3.65 × 10
−4

 M, in repeat units) were prepared in 

DMSO and stored at −20 °C before use. The fluorescent probes 5-butyl-4,4-difluoro-4-bora-3a,4a-

diaza-s-indacene-3-nonanoic acid (BODIPY 500/510 C4,C9) and 2-(4,4-difluoro-5-methyl-4-bora-

3a,4a-diaza-s-indacene-3-dodecanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine (BODIPY-PC) 

were from Molecular Probes (Eugene, OR, USA). Stock solutions (1 mM) of these probes were 

prepared in ethanol and stored at −20 °C before use. The fluorescent probe 5(6)-carboxyfluorescein 

(CF) and the quencher 9,10-anthraquinone-2,6-disulfonic acid (AQS) were obtained from  

Sigma-Aldrich (St. Louis, MO, USA) and dissolved in DMSO (1.25 M) and water (5 mM), 

respectively, just before use. The synthetic phospholipids 1,2-Dioleoyl-sn-glycero-3-phosphocholine 
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(DOPC), 1,2-Dioleoyl-sn-glycero-3-phospho-rac-(1-glycerol) sodium salt (DOPG), 1,2-Dimyristoyl-

sn-glycero-3-phosphocholine (DMPC), 1,2-Dimyristoyl-sn-glycero-3-phospho-rac-(1-glycerol) sodium 

salt (DMPG) and 1,2-Dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) were from Sigma-Aldrich and 

used as received. All other compounds were of analytical or spectroscopic reagent grade. Sodium 

phosphate buffer (50 mM, 0.1 M NaCl, pH 7.4) was prepared with water, which was twice distilled in 

all-glass apparatus and deionized using Milli-Q equipment (Millipore, Madrid, Spain). 

3.2. LUVs Formation 

Chloroform/methanol solutions containing 3 mg of total phospholipid (DOPC, DOPG, DMPC, 

DMPG, DPPC) were dried first by evaporation under dry nitrogen gas stream and subsequently  

under vacuum for 3 h. Multilamellar vesicles (MLVs) were formed by resuspending the dried 

phospholipids (0.5 mM for DOPG and DMPG, 1 mM for DOPC, DMPC and DPPC) in the buffer to 

the required final concentration. The vesicle suspension was then heated at a temperature above the 

phospholipid phase transition and vortexed several times. Large unilamellar vesicles (LUVs) were 

prepared from these MLVs by pressure extrusion through 0.1 µm polycarbonate filters (Nucleopore, 

Cambridge, MA, USA). For energy transfer experiments, the probe BODIPY C4 C9 (at the adequate 

probe-to-lipid ratio of 1:500) was initially added to the chloroform/methanol solutions containing 

DMPC and DMPG and LUVs were subsequently prepared as described above. 

3.3. Preparation of Giant Unilamellar Vesicles (GUVs) 

Giant unilamellar vesicles (GUVs) composed of DOPC/DOPG (3/1) and DOPC containing 

fluorescent probe, BODIPY-PC at the adequate probe-to-lipid ratio (1:250), were prepared by the 

electroformation method [52,53] using custom made Pt electrode-containing Teflon chambers. Briefly, 

1.2 μL of a 1 mM lipid solution in chloroform containing the fluorescent probe was spread  

on each side of the Pt electrode. Removal of organic solvent traces was carried out by vacuum 

dehydration. Afterwards, the dried electrodes were hydrated with 450 μL of a 200 mM sucrose 

solution in Milli-Q purified water. Subsequently, 7 V voltage and 10 Hz frequency signal were applied 

for 2 h, followed by 1 Hz frequency signal for 30 min. After GUV formation, the sample was collected 

from the chambers and transferred to the wells of a micro-slide plastic plate, which deposits 

approximately 500 µL of preparation. To better observe the GUVs under the microscope, 400 μL of a 

200 mM glucose solution were previously added to the wells in order to settle the 50 μL of GUVs to 

the bottom of the chamber. Samples were preserved for 2 h at 10 °C before microscopic visualization. 

3.4. Preparation of HTMA-PFP/Lipid Samples 

Aliquots of HTMA-PFP in DMSO were externally added to the lipid vesicle suspension, well above 

the phospholipid phase transition to ensure that the membrane was in the fluid phase. In all cases, the 

proportion of DMSO in the aqueous sample was always lower than 1% (V/V). In most samples, the 

final concentration of HTMA-PFP was 1.5 µM in terms of repeat units. 
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3.5. Absorption and Fluorescence Spectra 

Absorption measurements were carried out at room temperature using a UV-1603 spectrophotometer 

(Shimadzu, Tokyo, Japan). Fluorescence spectra and fluorescence intensity measurements were 

performed on a QuantaMaster spectrofluorometer (PTI, Birmingham, NJ, USA) interfaced with a 

Peltier cell. The experimental samples were placed in 10 mm × 10 mm path length quartz cuvettes. 

The excitation wavelength for HTMA-PFP was set to 380 nm. Background intensities were always 

checked and subtracted from the sample when necessary. 

3.6. Fluorescence Microscopy Measurements 

Fluorescence microscopy images were recorded using a Nikon Eclipse TE2000-U (Melville, NY, 

USA) inverted microscope equipped with a Nikon Digital Sight DS-1QM/H and Nikon Digital Camera 

DXM1200. UV excitation (340 nm ≤ λex ≤ 380 nm) and blue emission (435 nm ≤ λem ≤ 485 nm) was 

filtered using a DAPI filter cube. Visible excitation (465 nm ≤ λex ≤ 495 nm) and green emission  

(515 nm ≤ λem ≤ 555 nm) was filtered using a FITR filter cube. Data acquisition was monitored 

successively by manually formatting and data processing with NIS-Elements AR 2.30 software. 

3.7. Quenching Experiments 

Fluorescence emission of HTMA-PFP was studied in the absence and presence of different 

concentrations of AQS in DMPC LUVs. Stern-Volmer analysis was applied to the fluorescence 

quenching data according to Equation (4): 

  
 

          (4) 

where I0 and I stand for the steady-state fluorescence intensities in the absence and presence of 

quencher, respectively, and [Q] is the quencher concentration. The significance of KSV depends on the 

nature of the quenching process: it may represent the association constant for complex formation or the 

rate of dynamic quenching (KSV = kq0); where kq is the bimolecular rate constant of the quenching 

process and 0 is the lifetime of the biomolecule. For dynamic quenching (diffusion-controlled 

quenching), kq may be as high as 10
10

 M
−1
∙s

−1
. If kq is greater than this value, it usually indicates static 

quenching via a complexation between the fluorophore and the quencher. 

3.8. Measurements of Vesicle Leakage Induced by Polymers 

DOPG LUVs were prepared with carboxyfluorescein (CF) trapped in the aqueous interior at a 

concentration of 40 mM, in a buffer containing 50 mM phosphate and 0.1 M NaCl, pH 7.4. The  

non-encapsulated CF was removed by gel filtration over a column packed with Sephadex G-75 

(Pharmacia, Uppsala, Switzerland) eluted with buffer containing 50 mM phosphate, 0.1 M NaCl,  

pH 7.4. Self-quenching is expected at high concentrations of CF within the small volume of the vesicle 

interior. Membrane rupture (leakage) of intraliposomal CF was assayed by treating the probe-loaded 

vesicles with the appropriate amounts of HTMA-PFP. The total rupture of the vesicles and release of CF 

was performed with Triton X-100 10%. 
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3.9. Calorimetry 

Differential scanning calorimetry (DSC) experiments were performed in a high-resolution Microcal 

MC-2 differential scanning microcalorimeter (GE Healthcare, Piscataway, NJ, USA) under a constant 

external pressure of 30 psi in order to avoid bubble formation. The excess heat capacity functions were 

analyzed using Origin 7.0 (Microcal Software). Differences in the heat capacity between the sample 

and the reference cell, which contained only buffer, were obtained by raising the temperature 1 °C/min 

over a range from 16 to 36 °C for the DMPC samples in the absence and presence of different 

concentrations of the HTMA-PFP. A series of three consecutive scans of the same sample were 

performed to ensure scan-to-scan reproducibility and reversibility. 

3.10. Molecular Dynamics Simulations 

The three-dimensional model of HTMA-PFP was first generated using ChemDraw 10.0 

(CambridgeSoft), and then refined with Chem3D (CambridgeSoft) using the MM2 energy 

minimization procedure. 

4. Conclusions 

The interaction of the cationic polyfluorene HTMA-PFP with zwitterionic lipid bilayers was 

characterized and compared with the interaction reported for anionic bilayers in order to explore the 

possibility of using this polyelectrolyte as a bacterial imaging probe. Results indicate that HTMA-PFP 

at low concentrations associates spontaneously with both type of lipid vesicles, retaining their 

structural integrity without altering their spherical morphology. The polyelectrolyte shows higher 

affinity for anionic membranes than for zwitterionic membranes, as well as a different final membrane 

location. While in the anionic membrane, the polyelectrolyte is embedded within the lipid bilayer, in 

the zwitterionic system it remains close to the surface, forming aggregates that are sensitive to the 

physical state of the lipid bilayer. On the basis of these results, it is possible to conclude that the nature 

of the interaction between HTMA-PFP and lipid membranes depends on the lipid charge. Although an 

electrostatic interaction was expected to be responsible for the high affinity for anionic membranes, the 

final location of the polyelectrolyte, which is well-embedded in the bilayer core, indicates that 

hydrophobic forces also contribute to its solubilisation, reducing its aggregation state and increasing its 

fluoresecence quantum yield compared to zwitterionic membranes. Fluorescence microscopy images 

of a mixture of anionic and zwitterionic vesicles confirm that HTMA-PFP selectively labels the 

anionic vesicles. In addition, leakage experiments indicate that the addition of higher amounts of 

polyelectrolyte destabilizes the anionic lipid bilayer, producing membrane rupture. Therefore, in 

conclusion, this work supports the use of HTMA-PFP as a fluorescent marker in membrane studies and 

indicates that, given its different behaviour towards anionic and zwitterionic membranes, the 

polyelectrolyte could be used for selective recognition, imaging, and killing of bacteria over 

mammalian cells. 
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ABSTRACT: The design and development of fluorescent conjugated polyelectrolytes
(CPEs) emitting in the red region of the visible spectrum is at present of great interest for
bioimaging studies. However, despite the wide variety of CPEs available, stable bright red-
emitters remain scarce due to their low solubility and instability in aqueous media,
consequently limiting their applications. In this work, we have synthesized and
characterized a new red-emitting cationic conjugated polyelectrolyte copoly-{[9,9-bis(6′-
N,N,N-trimethylammonium)hexyl]-2,7-(fluorene)-alt-1,4-(naphtho[2,3c]-1,2,5-thiadia-
zole)} bromide (HTMA-PFNT), based on the incorporation of naphtha[2,3c][1,2,5]
thiadiazole on fluorene backbone to increase the bathochromic emission, extending the
conjugation length in the polymer backbone. Water stabilization was achieved by binding
the polyelectrolyte to two different biological systems which are currently used as
nanocarriers: human serum albumin (HSA) and lipid vesicles. Using both systems, stable nanostructures of different composition
were obtained and their properties were characterized. The properties of the protein-based nanoparticles are consistent with
polyelectrolyte aggregates covered with HSA molecules, while the liposome system is composed of lipid vesicles coated with
polyelectrolyte chains partially inserted in the bilayer. Both protein and vesicle structural integrity were not affected after their
interaction with HTMA-PFNT, as well as the carrier properties, allowing for the binding and transport of ligands. In addition, the
nanoparticles displayed the ability of labeling the cell membrane of living cells. All these results extend the potential applications
of these novel multifunctional nanoparticles as therapeutic carriers and bioimaging probes.

KEYWORDS: conjugated polyelectrolytes, naphthothiadiazol, polyelectrolyte-protein interactions, polyelectrolyte-liposome interactions,
bioimaging probes, multifunctional nanoparticles

■ INTRODUCTION

Fluorescent conjugated polyelectrolytes (CPEs) are a class of
conjugated polymers having backbones with π-delocalized
electronic structures and pendant substituents with ionic
functionalities. Electron delocalization facilitates rapid intra-
and interchain exciton migration, conferring collective optical
responses and amplified signals when comparing to conven-
tional fluorophores.1,2 In general, CPEs have high absorptivity
and photostability, large Stokes shift and low cytotoxity, and
have easily amenable side chains for bioconjugation with
various recognition elements. In addition, the photophysical
properties of these polyelectrolytes can be feasibly customized
through backbone and side-chain modifications. Given these
properties, CPEs have received great attention in biomedical
applications, especially for developing biosensing schemes and
sensing devices for biomolecules.3−8 More recently CPEs
appear as an alternative to fluorescent markers used in
bioimaging because they overcome most of the limitations
associated with these fluorescent materials, such as the
photobleaching of organic dyes and fluorescent proteins or
the cytotoxicity of quantum dots.9,10 Conjugated with
appropriate recognition elements, CPEs can be used as tracers,

which will selectively accumulate in specific regions of the
organism (tumors, inflamed areas, etc.).3,9

For biomedical applications such as bioimaging the
prerequisite condition is the dispersibility of CPEs in aqueous
media. Although the incorporation of ionic side groups
contributes to water solubilization, these polyelectrolytes still
have a strong tendency to aggregate in this medium due to their
hydrophobic aromatic backbone, forming unstable heteroge-
neous nanoaggregates. It results in a reduction in the
photoluminescence quantum yield as a consequence of their
self-quenching, which is not desirable for many of these
applications. To overcome this drawback different approaches
are being carried out through the addition of ionic and nonionic
surfactants, lipids, cyclodextrins, and proteins or by encapsulat-
ing the CPEs in porous silica matrix in order to reduce CPEs
aggregation in water.11−14 Another approach is to fabricate
CPEs nanoparticles through various synthetic techniques
including polymerization, emulsion, and nanoprecipitation.15
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Fluorene-based CPEs consist of a rigid hydrophobic
polyfluorene backbone with flexible charged side chains,
which induces interesting aggregation behavior. They have
unique properties such as facile substitution at the fluorene C9
position, good chemical and thermal stability, and high
fluorescence quantum yield. It is possible to increase the
processability of these CPEs by incorporation of different ionic
side groups and/or with modification of the main chain by
adding some other groups. Incorporation of the ionic side
groups increases the solubility in polar solvents and water.
Besides, modification of the main chain induces changes in
photophysical properties of the fluorene backbone.7,16−19

Normally, fluorene-based CPEs emit blue light, but researchers
in the area are making significant efforts to tune color to longer
wavelengths. Color can be tuned, among others, by copolymer-
izing the fluorene monomers with other low band gap
monomers or incorporating monomers able to conjugate with
the fluorene ring in order to extend the conjugation length into
the chain.20 With these strategies polyfluorenes emitting in the
green and yellow region of visible spectrum have been
successfully synthesized.21 Synthesis of probes emitting in the
red region is at present of great interest for in vivo fluorescence
imaging studies because of minimum photodamage to bio-
logical samples, deep tissue penetration, and minimum
interference from background autofluorescence by biomole-
cules in the living systems. However, despite the large amount
of CPEs synthesized, bright red-emitters remain rare.15,22 This
is because the most widely used strategy to obtain these CPEs
is the introduction of donor−acceptor structures in the

aromatic backbone, which increases the hydrophobic character
of the polymer, favoring aggregation in aqueous media and
therefore reducing the fluorescence quantum yield. For
example, Huang et al. have recently synthesized a red emissive
polyfluorene with very low cytotoxicity and excellent photo-
stability that was employed for cell imaging, but it was found to
aggregate in the aqueous environment of cell culture medium
because of the relatively hydrophobic chain structure.23 Several
strategies have been reported to increase the quantum yield of
these red-probes, such as the incorporation of bulky pendants
into the backbone or side chain in order to avoid compact
aggregation or the introduction of small amounts of narrow-
band gap moieties as energy acceptors into the backbone to
facilitate intra- and interchain energy transfer in the aggregate
state.15,24 Finally, one other strategy may be to disrupt
aggregations through the coupling with complexing agents, as
was previously mentioned, or with biological nanostructures
having different functional properties. This last alternative has
the advantage of not only increasing the fluorescence signal of
the polyelectrolyte but also stabilizing it in aqueous solution
obtaining nanoparticles which combine the properties of both
constituents.25

Our group has previously synthesized a blue-emitter cationic
conjugated polyelectrolyte, copoly-{(9,9-bis(6′-N,N,N-
trimethylammonium)hexyl]-2,7-(fluorine)-alt-1,4-(phenylene)}
bromide (HTMA-PFP), which incorporates a phenyl group on
the fluorene backbone and shows interesting properties as a
fluorescent marker.12,26,27 Here we describe the synthesis and
characterization of a new red-emitter cationic polyfluorene,

Scheme 1. Synthetic Approach of Copoly-{[9,9-bis(6′-N,N,N-trimethylammonium)hexyl]-2,7-(fluorene)-alt-1,4-
(naphtho[2,3c]-1,2,5-thiadiazole)} Bromide (HTMA-PFNT)
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copoly-{[9,9-bis(6′-N,N,N-trimethylammonium)hexyl]-2,7-
(fluorene)-alt-1,4-(naphtho[2,3c]-1,2,5-thiadiazole)} bromide
(HTMA-PFNT), which incorporates the chromophore
naphtha[2,3c][1,2,5] thiadiazole (NTD) instead of the phenyl
group to increase the bathochromic emission, extending the
conjugation length in the polymer backbone. Water solubiliza-
tion and stabilization were improved by complexing the
polyelectrolyte with two different biological systems: human
serum albumin (HSA) and lipid vesicles. Both systems are
macromolecular carriers capable of accommodating a wide
variety of drugs and contain reactive functional groups (in the
case of HSA) or can be functionalized (in the case of
liposomes) for targeting ligands.28,29 Using both strategies,
stable fluorescent nanostructures were obtained and charac-
terized, and their functional properties were evaluated. Results
show that protein structure and integrity of the vesicles as well
as carrier properties were not affected after their interaction
with HTMA-PFNT. Therefore, the complexation of the
polyelectrolyte with the biological systems not only favors its
solubility and stability in aqueous solvent but also leads to
fluorescent nanoparticles which combine the properties of both
constituents and can be potentially used as drug carriers and
bioimaging probes.

■ EXPERIMENTAL SECTION
Materials. For chemical reactions all solvents were at HPLC grade

and used as received (Aldrich Corporation). 2,3-Diaminenaphthalene
and 9,9-bis(6-bromohexyl)-2,7-dibromofluorene were provided from
TCI Europe and SYNTHON Chemicals GmbH & Co, respectively.
The human serum albumin (HSA) and synthetic phospholipid 1,2-
dioleoyl-sn-glycero-3-phosphocholine (DOPC) were from Sigma-
Aldrich, as well as Rhodamine 6G, and were used as received. The
fluorescent probes 5(6)-carboxyfluorescein (CF) and 1,6-diphenyl-
1,3,5-hexatriene (DPH) and the quencher 9,10-anthraquinone-2,6-
disulfonic acid (AQS) were obtained from Sigma-Aldrich (St. Louis,
MO, USA) and dissolved in dimethyl sulfoxide (DMSO) (1.25 M),
dimethylformamide (DMF) (1 mM), and water (5 mM), respectively,
just before use. All other solvents were of spectroscopic reagent grade
(UVASOL, Merck). Sodium phosphate buffer (50 mM, 0.1 M NaCl,
pH 7.4) was prepared with water, which was twice distilled in an all-
glass apparatus and deionized using Milli-Q equipment (Millipore,
Madrid, Spain).
Synthesis and Characterization of Polyelectrolytes. Mono-

mers 2,7-(4,4,5,5-tetramethyl-[1,3,2] dioxaborolane)-9,9-bis(6′-bro-
mohexyl)-fluorene (M1), 1,4-dibromo-2,3-diaminonaphthalene
(M2), and 4,9-dibromonaphtho{2,3}-1,2,5-thiadiazole (M3) were
obtained as previously described by Bazan et al.,18 Yang et al.,30 and
Tena et al.,31 respectively (see Scheme 1).
Synthesis of Copoly-{9,9-bis(6′-bromohexyl)-2,7-fluorene-alt-1,4-

(naphtho[2,3c]-1,2,5-thiadiazole)} (P1). A mixture of M3 (1.25
mmol),M1 (1.25 mmol), and [Pd(PPh3)4] (0.02 mmol) was dissolved
in toluene (25 mL), and a water solution of K2CO3 (15 mL, 2M) was
added. The mixture was stirred at 85 °C for 48 h in an inert
atmosphere. An end-capping procedure was realized using bromo-
benzene and phenylboronic acid. Afterward, 150 mL of methanol was
added, and the precipitated product was collected by filtration and
washed twice with methanol (150 mL) and acetone (75 mL). The
solid was washed with brine, extracted with chloroform, dried over
anhydrous magnesium sulfate, and filtered, and the solvent was
evaporated. Finally, the product was reprecipitated twice with
methanol, collected by filtration, and dried under vacuum to give a
red solid film (yield: 85%). 1H NMR (500 MHz, CDCl3) δ (ppm):
8.20−8.00 (m, 4H), 7.90−7.40 (m, 6H), 3.32 (br, 4H), 2.12 (br, 4H),
1.76 (br, 4H), and 1.40−0.90 (br, 12H). 13C NMR (125 MHz,
CDCl3) δ (ppm): 151.8, 151.1, 140.9, 135.7, 132.2, 130.6, 129.1,
127.4, 126.6, 122.7, 120.3, 55.4, 40.2 (CH2−Br), 34.1, 32.7, 29.2, 27.9,
24.1. FT-IR (pellet BrK, cm−1): 2930 (s), 2855, 1449, 1387 (s), 1267,

889, 821 (s, ν-(CH2)n), 762 (s, ν -Napht), 644 (ν-(CH2)-Br), 562, 529
(s), and 442. GPC (PS calibration)Mn [g/mol] = 4507;Mw [g/mol] =
8990.

Synthesis of Copoly-{[9,9-bis(6′-N,N,N-trimethylammonium)-
hexyl]-2,7-(fluorene)-alt-1,4-(naphtho[2,3c]-1,2,5-thiadiazole)} Bro-
mide (HTMA-PFNT). P1 (0.6 mmol per unit) was dissolved in THF
(50 mL) at −78 °C (dry ice-acetone bath) in an inert atmosphere.
Using a coldfinger condenser, an excess of trimethylamine (7 mL) was
added drop by drop. The mixture was stirred at room temperature for
24 h. Subsequently, water (50 mL) and another 7 mL of
trimethylamine were added, repeating the previous procedure for 24
h. The solvent and the surplus of trimethylamine were evaporated.
Afterward, acetone was added to precipitate the polyelectrolyte, and it
was finally collected by filtration. The precipitate (deep red solid) was
dried at 40 °C under the vacuum overnight (yield 94%). 1H NMR
(500 MHz, DMSO-d6) δ (ppm): 8.40−7.90 (m, 4H), 7.90−7.40 (m,
6H), 3.27 (br, 4H), 3.08 (s, 18H), 2.19 (br, 4H), 1.65 (br, 4H), and
1.37−0.80 (br, 12H). 13C NMR (125 MHz, DMSO-d6) δ (ppm):
151.0, 150.5, 140.3, 135.2, 131.3, 130.2, 127.1, 126.8, 126.5, 126.3,
120.3, 65.1 (CH2−N), 55.0, 52.1 (CH3−N), 44.2, 29.1, 25.8, 23.9,
22.2. FT-IR (pellet BrK, cm−1): 3417 (s,ν-(NR4

+), 2927 (s), 2856,
1628(s), 1478 (s), 1389 (s), 1251, 1124, 964, 899, 825 (ν-(CH2)n),
764 (s, ν-Napht), and 533.

Nuclear Magnetic Resonance and Fourier Transform Infrared
Spectroscopy. 1H and 13C NMR spectra were recorded on a Bruker
AVANCE 500 (1H: 500 MHz, 13C: 125 MHz) spectrometer using
chloroform-d (CDCl3) and DMSO-d as solvents. The chemical shifts
for 1H and 13C NMR were given in δ (ppm) with tetramethylsilane as
an internal reference. Processing of spectra was done using TopSpin
3.2. FTIR spectra were obtained using a Bruker IFS 66/S spectrometer
with samples prepared as KBr pellets.

Gel Permeation Chromatography (GPC). Size Exclusion Chroma-
tographic (SEC) analysis was carried out on a Shimadzu LC-20AD,
index refraction detector RID-10A and on an Evaporative Light
Scattering Detector (ELSD 3300, Alltech Associates, Inc.). SEC
analysis of 20 μL of samples was injected in a column PLgel 5 μm
MIXED-C; 2 × (300 × 7.5 mm) from Polymer Laboratories Ltd.
Samples were around 3−5 mg/mL in THF (as eluent) and were
filtered through a nylon 0.45 μm syringe. Number-average (Mn) and
weight-average (Mw) molecular weights were determined by using
Polymer Laboratories EasiCal Polystyrene standards for calibration.

Absorption and Fluorescence Measurements. Absorption meas-
urements were carried out at room temperature using a UV-1603
spectrophotometer (Shimadzu, Tokyo, Japan). Fluorescence spectra
and fluorescence intensity measurements were performed on a
QuantaMaster spectrofluorometer (PTI, Birmingham, NJ, USA)
interfaced with a Peltier cell. The experimental samples were placed
in 10 mm × 10 mm path length quartz cuvettes. Background
intensities were always checked and subtracted from the sample when
necessary. All fluorescence spectra were corrected for variations in
photomultiplier response over wavelength. Steady-state fluorescence
anisotropy, ⟨r⟩, of DPH was obtained using Glan-Thompson
polarizers by measuring the vertical and horizontal components of
the fluorescence emission with excitation vertical and horizontal to the
emission axis. The G factor corrects for the transmissivity bias
introduced by the detection system. Measurements were carried out
for samples containing DPH in buffer, DOPC and HSA in the absence
and the presence of HTMA-PFNT. Samples were excited at 370 nm,
and the polarized emission was detected at 430 nm. Background
intensities due to samples in the absence of DPH were always taken
into account.

Preparation and Characterization of Fluorescent Nano-
particles. LUVs Formation. Chloroform/methanol solutions contain-
ing 3 mg of total phospholipid (DOPC) were dried first by
evaporation under dry nitrogen gas stream and subsequently under
vacuum for 3 h. Multilamellar vesicles (MLVs) were formed by
resuspending the dried phospholipids in the buffer to the required final
concentration. The vesicle suspension was then vortexed several times.
Large unilamellar vesicles (LUVs) were prepared from these MLVs by
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pressure extrusion through 0.1 μm polycarbonate filters (Nucleopore,
Cambridge, MA, USA).
Preparation of Fluorescent Nanoparticles. Aliquots of HTMA-

PFNT, previously solubilized in DMSO (3.65 × 104 M, in repeat
units) and stored at −20 °C, were externally added either to the
protein solution (6 μM) or to the LUVs suspension (1 mM in lipid)
and incubated for 20 min at room temperature. In all cases, the
proportion of DMSO in the aqueous sample was always lower than 1%
(V/V). In most samples, the final concentration of HTMA-PFNT was
1.5 μM in terms of repeat units.
Circular Dichroism Experiments. CD measurements of HSA and

its polymer complexes were carried out with a Jasco spectropolarim-
eter, model J-815 (JASCO, Easton, MD). Spectra were collected at 25
°C with a scan speed of 50 nm per min, response time of 4 s, and a
bandwidth of 1 nm. For each spectrum, four scans were accumulated
and averaged to improve the signal-to-noise ratio. Spectra were
recorded from 260 to 197 nm using 0.1 cm quartz cells. A baseline was
taken under the same conditions as those used for the sample and
subtracted from each spectrum.
Fluorescence Quenching Experiments. Fluorescence emission of

HTMA-PFNT in buffer and incorporated in DOPC LUVs was studied
in the absence and the presence of different concentrations of AQS.
This molecule is an electron acceptor and acts as a quencher of
cationic conjugated polyelectrolytes, forming static quenching
complexes via attractive electrostatic interactions.32 Stern−Volmer
analysis was applied to the fluorescence quenching data according to
eq 1

= +I
I

K Q1 [ ]0
SV (1)

where I0 and I stand for the steady-state fluorescence intensities in the
absence and the presence of quencher, respectively, [Q] is the
quencher concentration, and KSV is the Stern-volmer constant which
represents the association constant for complex formation in the case
of static quenching.33

Measurements of Vesicle Leakage Induced by Polymers. DOPC
LUVs were prepared with carboxyfluorescein (CF) trapped in the
aqueous interior at a concentration of 40 mM, in a buffer containing
50 mM phosphate and 0.1 M NaCl, pH 7.4. The nonencapsulated CF
was removed by gel filtration over a column packed with Sephadex G-
75 (Pharmacia, Uppsala, Switzerland) eluted with buffer containing 50
mM phosphate, 0.1 M NaCl, pH 7.4. Self-quenching is expected at
high concentrations of CF within the small volume of the vesicle
interior. Membrane rupture (leakage) of intraliposomal CF was
assayed by treating the probe-loaded vesicles with the 1.5 μM of
HTMA-PFNT. The total rupture of the vesicles and release of CF was
performed with Triton X-100 10%.
Dynamic Light Scattering (DLS). The size of the different

structures, in the absence and the presence of HTMA-PFNT, was
explored by DLS techniques, using a Malvern Zetasizer Nano-ZS
instrument, equipped with a monochromatic coherent 4 mW Helium
Neon laser (λ = 633 nm) as the light source, with a 173° scattering

angle of lecture for size measurements. All measurements were
performed in disposable cuvettes. Measurements were performed in
triplicate.

Microscopy Measurements. Fluorescence microscopy images were
recorded using a Leica DMI 3000B inverted microscope equipped
with a Leica EL6000 compact light source and a Leica digital camera
DFC3000G. The imaging was performed by using a 63× objective
with 0.7 magnification and filter DsRed (Ex BP 555/25, Em BP 620/
60). Data acquisition was monitored by manually formatting and
processing with Leica Application Suite AF6000 Module Systems.
Transmission electron micrographs (TEM) were performed using a
Jeol 1011 microscope (Jeol, Japan), operating at 80 kV. Samples were
prepared by placing a drop of the sample on to the 300-mesh copper
grip coated with carbon film, and after staining with uranyl acetate and
lead citrate, they were left to air-dry before being placed under the
microscope. Images were recorded with a Gatan Erlangshen ES500W
camera.

Cell Imaging. The human cell line HaCaT was cultured in high
glucose DMEM medium (Sigma, D5671) supplemented with 2 mM L-
glutamine, 10% FBS, 1 mM pyruvate, 2 mM glutamine, 50 μg/mL
gentamicin, and 2 μg/mL fungizone, at 37 °C in a humidified
incubator in a 5% CO2 atm. For microscopy images, HaCaT cells were
previously trypsinized, harvested, resuspended in phosphate-buffered
saline (100,000 cells/mL), and captured as images in the absence and
the presence of HTMA-PFNT.

■ RESULTS AND DISCUSSION

Synthesis and Characterization of the New Con-
jugated Polyelectrolyte. The synthesis of the polyelectrolyte
HTMA-PFNT is described in Scheme 1. First, the nonionic
precursor P1 was synthesized by a Suzuki cross-coupling
reaction from the monomers M1 and M3. In classical
conditions, P1 was obtained as a red solid with 85% yield.
Gel permeation chromatography (GPC) analysis showed that
the weight-average molecular weight (Mw) of P1 was 8990 with
a polydispersity index (PDI = Mw/Mn) of 1.99 (Figure S1).
Afterward, P1 was derivatized by a quaternization reaction
(Menschutkin reaction), by using trimethylamine condensed in
a vessel reaction, in order to obtain cationic polyelectrolyte
HTMA-PFNT, a deep red solid with 94% of yield. The further
characterizations of these polymers (P1, HTMA-PFNT) have
been done by different techniques.
The 1H and 13C NMR spectra of P1 and HTMA-PFNT

show similar results to other analogous polyfluorenes
synthesized by the same method and correspond with the
assignation shown in the experimental part. In P1 1H NMR
spectra (Figure S2), we can see the aromatic signals typical of
this polymer, and, thanks to heteronuclear single quantum
correlation (HSQC) experiments (Figure S3), it is possible to

Figure 1. a) Normalized absorption spectra and b) fluorescence emission spectra (λexc = 510 nm) of M3 (line), P1 (dashed), and HTMA-PFNT
(dotted) in chloroform.
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relate these signals with the carbon peaks in 13C NMR spectra
(Figure S4). In HTMA-PFNT 1H NMR spectra (Figure S5),
the small shift of the signal at 3.32 ppm in P1 corresponding to
the CH2−Br, as well as the appearance of a new signal at 3.08
ppm that integrates for 18 H (N−CH3) and the ammonium
specific signals (52.1 ppm) in the 13C experiment (Figure S6),
is evidence of the quaternization reaction. Also, IR spectra of
P1 and HTMA-PFNT confirm the conversion of the pendant
groups due to the disappearance of the CH2−Br tension band
at 644 cm−1 and the appearance of the ammonium band at
3417 cm−1 (Figure S7).
The UV−vis normalized absorption of monomer M3 and

polymers P1 and HTMA-PFNT in chloroform at room
temperature are shown in Figure 1a.
Results show that significant changes in spectra have

occurred by the conjugation of the polymer. The absorption
spectrum of the monomer M3, recorded between 290 and 600
nm, is structured and shows three characteristic absorptions
peaks at 350, 370, and 475 nm, with a shoulder at 500 nm. The
absorption spectra of P1 and HTMA-PFNT are practically
similar, as was expected, exhibiting two absorption bands in the
range explored. The fact that these bands are different than
those corresponding to chromophores NTD and fluorene,
separately, together with the red-shift observed in the VIS
absorption band, suggest that conjugation occurs between both
chromophores.
Normalized emission spectra of monomer M3 and polymer

P1 in chloroform are shown in Figure 1b. M3 presents the
emission maxima at 555 nm, while the synthesized P1 exhibits
an unstructured band with its maximum peak very red-shifted,
at 637 nm, showing a large Stokes shift (around 125 nm). The
shape and position of the emission spectrum was not altered
upon excitation at different wavelength, both in the UV and VIS
absorption bands. In the same way, excitation spectrum of P1
was similar to that of absorption, independently of the emission
wavelength (data not shown). These results support the
hypothesis of effective conjugation taking place between
fluorene and NTD and playing an important role in the red-
shift of the emission spectrum. Extension of π-conjugation has
also been observed for NTD derivatives with the chromophore
directly connected to other phenyl groups.34 Authors showed
that the position of the NTD emission peak significantly
depends on the aryl substituent and its degree of planarity,
going from yellow to pure red as the number of phenyl groups
was increased, so the red-emission was obtained without any
strong donor group in the molecular structure.
Derivatization of P1 to obtain the polyelectrolyte HTMA-

PFNT scarcely modified the fluorescence spectra (Figure 1b),
shifting the maximum wavelength from 637 to 643 nm. The
small red-shift observed in HTMA-PFNT can be attributed to
differences in the conformation and organization of the
polymer chains in the solvent, as a consequence of the
presence of the cationic trimethylammonium group. The red-
emission of HTMA-PFNT suggests that it could be used in
biosensing and bioimaging studies, but, as was indicated in the
introduction of this work, for this kind of applications the
stability in aqueous media is essential. Therefore, in a first step
we have explored the behavior of HTMA-PFNT in buffer,
comparing the results with those obtained in a good solvent.
This study was carried out in buffer, instead of water, in order
to better simulate physiological conditions.
Characterization of HTMA-PFNT in Buffer. The

absorption and emission properties of HTMA-PFNT were

characterized in 50 mM phosphate buffer, 100 mM NaCl (pH
7.3). Previous works have reported that when fluorene-based
CPEs are dissolved in aqueous solvents, they self-assembles into
aggregates.35,36 This aggregation is dominated by interchain
hydrophobic interactions which lead to lower emission
intensities and red-shift of the absorption and emission spectra,
when comparing with those recorded in good solvents, due to
an increase in the interchain energy transport mechanism. In
this work ethanol was selected as a good solvent where HTMA-
PFNT shows good fluorescence quantum yield because it
allows solvation of both components (polar and hydrophobic)
of the polymer structure (Table 1). Absorption spectra of the

polyelectrolyte in both media were recorded between 290 and
650 nm, although Figure 2a only includes the normalized
absorption spectra recorded in the visible region to facilitate
their comparison. In ethanol, a perfectly definite and clear
absorption spectrum was observed, with a maximum peak
around 510 nm. Studies at different concentrations showed that
the absorbance at 510 nm increased linearly following the
Lambert−Beer law over the repeat unit concentration range up
to 1.5 × 10−5 M without significant changes in spectral shape,
indicating that the polymer structure is not affected by dilution
for these polymer. From these results, a molar absorption
coefficient of ε = 7620 M−1 cm−1 was calculated for the
polyelectrolyte in ethanol at 510 nm, while it was found to be
9590 M−1 cm−1 for the UV band at 330 nm. When HTMA-
PFNT was dissolved in buffer the spectrum showed a 7 nm red-
shift of the absorption band (Table 1), as well as an
enhancement in absorbance below 450 nm, which is indicative
of an increase in the scatter of the sample. In contrast to that
observed in ethanol, the absorbance at 518 nm did not increase
linearly with increasing concentrations, leading to turbid
samples which evidence the poor solubility of HTMA-PFNT
in buffer, with the consequent formation of aggregates. Figure
2b shows the emission spectra of the polyelectrolyte recorded
in both media, at the same conditions. As in absorption, the
emission spectrum in buffer was slightly broader and shifted to
the red than that recorded in ethanol (see the inset in Figure 2b
and Table 1). This effect was accompanied by a very drastic
drop of the fluorescence quantum yield (down to 0.01 as
compared to 0.17 measured in ethanol), supporting the
existence of aggregates. To better characterize these aggregates
DLS experiments were carried out at room temperature. This
technique yields information on the size distribution of
macromolecules in solution in the submicrometer range.
Results show that, while in ethanol the presence of self-
aggregates was not detected, in buffer, polymer aggregates were
rapidly formed having a hydrodynamic diameter of around 150

Table 1. Absorption and Fluorescence Characterization of
HTMA-PFNT in Ethanol, Buffer, HSA, and LUVs of DOPCa

abs em

λmax (nm) λmax (nm) ΦF BW (nm)

ethanol 510 645 0.17 121
buffer 518 652 0.01 124
HSA 514 646 0.04 121
DOPC 635 0.14 114

aWavelength corresponding to the maximum of the VIS absorption
band and emission spectrum (λmax), fluorescence quantum yield (ΦF)
calculated using Rhodamine 6G as standard, and width of the emission
spectrum at half height (BW).
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nm (Table 2). The average size of aggregates largely increased
through time, acquiring diameters larger than 370 nm after 1 h
of incubation and, consequently, reducing their fluorescence
intensity which, at difference of ethanol, was unstable with time
(Figure 2c). A similar behavior was recently reported by our
group for the cationic conjugated polyelectrolyte HTMA-
PFP.26 When the polyelectrolyte was added to the buffer,
metastable aggregates were formed, and, as for HTMA-PFNT,
this effect was accompanied by a red-shift of the emission
spectrum and a decrease in fluorescence intensity. However, the
fluorescence drop for HTMA-PFP was much less than for
HTMA-PFNT probably because the higher hydrophobic
character of the polymer backbone favors the close proximity
of chains and, therefore, the self-quenching of the red-emitting
conjugated polyelectrolyte.
HTMA-PFNT/HSA Interactions. HSA is a globular protein

composed of a single polypeptide of 585 amino acids with three
α-helical domains I−III. This protein contains hydrophobic
cavities which allow the binding and transport of a wide variety
of nonpolar compounds. Its isoelectric point is 4.9;37 therefore,
the protein displays a negative net charge at neutral pH,
favoring the interaction with cationic compounds, such as
HTMA-PFNT. However, the charge distribution is not
homogeneous through the three domains, being domains I
and II more acidic than domain III.38 In order to improve the
solubility and stability of HTMA-PFNT in buffer, we have
explored the possible formation of complexes between the
polyelectrolyte and HSA. Interaction was monitored from the
changes observed in the fluorescence intensity of HTMA-
PFNT after addition to a HSA protein solution (6 μM).
Interaction occurred apparently in two steps (Figure S8a). In

the first seconds, the fluorescence increased abruptly, reaching
∼85% of its maximum value, but it took around 20 min for total
stabilization. These results suggest that not only electrostatic
interactions but also hydrophobic forces contribute to the
polymer−protein complexes stabilization, as also occurs for the
blue polymer HTMA-PFP.12 In order to determine the affinity
of HTMA-PFNT to HSA, the fluorescence spectra of the
polyelectrolyte were recorded at increasing concentrations of
HSA. The experiment was carried out preparing different
samples of the protein in buffer, at concentrations from 0 to 10
μM. The same concentration of polyelectrolyte (1.5 μM, in
terms of repeat units) was added to all of the samples. Samples
were incubated for 20 min at room temperature. An
enhancement of the fluorescence intensity as well as a blue-
shift in the emission spectrum was observed up to a protein
concentration of about 6 μM (Figure 3, Table 1). Higher
concentrations of protein did not modify the fluorescence
spectrum. The changes in the fluorescence spectrum of
HTMA-PFNT in the presence of the protein were used to
estimate the apparent association constant of the polymer−
protein complexes (KA). The inset in Figure 3 represents the
increase in fluorescence measured at the maximum of the
spectrum (ΔI = IHTMA‑PFNT:HSA − IHTMA‑PFNT) versus HSA
concentration. Determination of KA was made by fitting these
data to the Benesi−Hildebrand equation.39,40 The solid line of
the inset of Figure 3 shows this fit, which yields a value of KA =
2.2 ± 0.2 × 106 M−1, indicative of strong affinity between both
macromolecules. The value is in the same range as those
determined for HTMA-PFP bound to HSA and to other
negatively charged biomolecules such as DNA, confirming that

Figure 2. a) Normalized absorption spectra of HTMA-PFNT (7.3 μM in terms of repeat units) in ethanol (solid line) and buffer (dashed line). b)
Fluorescence emission spectra of HTMA-PFNT in ethanol (solid line) and buffer (dashed line). Inset: Normalized fluorescence emission spectra of
HTMA-PFNT (1.5 μM in terms of repeat units) in ethanol (solid) and buffer (dashed). c) Stability of the fluorescence intensity of HTMA-PFNT in
ethanol (black) and buffer (gray) with time. (λexc = 510 nm; λem = 650 nm).

Table 2. Hydrodynamic Diameter of the Different Nanostructures, and Steady State Fluorescence Anisotropy Values, ⟨r⟩, of
DPH in Ethanol, Buffer, HSA, and LUVs of DOPC in the Absence (−) and the Presence (+) of HTMA-PFNTa

d (nm) ⟨r⟩

− HTMA-PFNT + HTMA-PFNT − HTMA-PFNT + HTMA-PFNT

t0 t = t0+1h

ethanol not detected not detected not detected 0 0
buffer not detected 150 ± 48 374 ± 66
HSA 5.1 ± 1.4 124 ± 56 114 ± 31 0.307 ± 0.005 0.275 ± 0.005
DOPC 99 ± 39 110 ± 54 107 ± 25 0.109 ± 0.005 0.109 ± 0.005

at0 was 1 min for ethanol and buffer and 20 min for HSA and DOPC.
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electrostatic interactions are responsible for the formation of
the polymer−protein complexes, at least in the first step.12,36

In order to investigate if the binding processes alter the
intramolecular forces responsible for maintaining the secondary
structure of HSA, resulting in a conformational change of the
protein, CD spectra were recorded. Figure 4a shows the far-UV
CD spectra of HSA (6 μM) in the absence and in the presence
of different concentrations of HTMA-PFNT (0, 6, 9, and 12
μM). In the absence of polyelectrolyte, the spectrum exhibited
two negative bands, at 208 and 222 nm, characteristic of the α-
helical structure. Addition of increasing concentrations of
polyelectrolyte practically did not alter the signal of HSA,
suggesting that protein conformation is preserved upon
polymer interaction, at least at the concentrations used. To
confirm this hypothesis, the fluorescence emission spectrum of
the HSA was recorded at increasing concentrations of HTMA-
PFNT. HSA contains a single tryptophan, Trp-214, and 18
tyrosine residues which are responsible for its fluorescence
emission. Trp-214 is located in domain II, within a hydrophobic
pocket, while tyrosines are distributed along the whole
polypeptide chain. Upon excitation at 280 nm, both tryptophan
and tyrosine are readily excited, but most of the fluorescence
comes from Trp-214, due to the efficient resonance energy
transfer (RET) from tyrosine to tryptophan.41 Figure 4b shows
the fluorescence emission spectrum (λexc = 280 nm) of a 6.0
μM HSA solution in buffer at different HTMA-PFNT

concentrations (up to 13 μM). In the absence of the
polyelectrolyte, spectrum displayed a rather broad fluorescence
band, characteristic of tryptophan, with a maximum at ∼335
nm which indicates that this residue is relatively buried inside
the HSA.33 Addition of HTMA-PFNT induced a decrease in
the intensity of the emission maximum, while the position of
the spectral maximum was preserved, supporting that the
protein conformation is still essentially the same. It suggests
that because of the interaction of HTMA-PFNT with HSA, the
polyelectrolyte quenches the fluorescence of Trp214, probably
through an energy transfer mechanism since there is an overlap
between the fluorescence spectrum of HSA and the UV
absorption peak of the HTMA-PFNT absorption spectrum
(see Figure 1a). These results, together with the anionic
character of domain II, support the idea of this protein domain
being involved in the interaction HSA-polyelectrolyte.
The above results indicate that the presence of HSA helps to

solubilize and stabilize the polyelectrolyte in buffer, forming
polymer−protein complexes without perturbing protein
conformation. However, although the fluorescence quantum
yield is 4-fold higher than in buffer, it is still low as compared to
that determined in ethanol (Table 1). There are several
possible explanations for this result. On one hand, it could be
that the polymers when interacting with the HSA are still
exposed to sufficient interfacial water to reduce the fluorescence
relative to in ethanol. Another explanation is that the
interaction occurs between HSA and polymeric aggregates
previously formed in buffer, instead of between single
molecules of protein and polymer. This last hypothesis was
confirmed by examining the size and shape of the polymer−
protein complexes using DLS and TEM. DLS measurements
were carried out at room temperature for the protein (6 μM) in
the absence and the presence of the polyelectrolyte (1.5 μM).
Results showed peaks at 5 nm, in the absence of polyelectrolyte,
according to the hydrodynamic diameter of HSA. However,
once HTMA-PFNT was added to the protein solution, the
intensity of this peak decreased considerably, and a new peak
having a higher hydrodynamic diameter was observed around
120 nm, remaining constant through time (Table 2). The fact
that the peak was stable as a function of time indicates that it
does not correspond to a population of unstable polymeric
aggregates formed in buffer, but it could be attributed to
nanostructures composed of aggregates of polyelectrolyte
coated with HSA molecules, as was previously proposed. This

Figure 3. Fluorescence emission spectra of HTMA-PFNT (1.5 μM) in
buffer with increasing concentrations of HSA. Inset: Differences in
fluorescence intensity by addition of HSA. (λexc = 510 nm).

Figure 4. a) Effect of HTMA-PFNT on the CD spectrum of HSA (6 μM) in buffer. Polyelectrolyte concentrations were as follows: 0 (line), 6
(dash), 9 (dot), and 12 μM (dash dot). b) Fluorescence emission spectra of HSA (6 μM) in buffer (line) with increasing concentrations of HTMA-
PFNT. Inset: Normalized fluorescence emission spectra of HSA in the absence and the presence of increasing concentrations of HTMA-PFNT.
(λexc = 280 nm).
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conclusion is supported by the TEM images included in the
Supporting Information (Figure S10) and schematized in
Scheme 2. Probably, when the polyelectrolytes are added to the
protein solution, they start to self-assemble forming aggregates
through the hydrophobic interactions of their backbones,
exposing the positively charged side chains to the solvent.
Simultaneously, proteins interact with the aggregates in two
steps: The initial step involves a rapid electrostatic interaction
between the domains I and II of the HSA, which shows a
negative net charge under the experimental conditions, and the
positively charged surface of the polymer aggregates. This
interaction induces desolvation of the polymer chains located in
the surface, increasing the fluorescence signal with respect to
that observed in buffer. The subsequent step involves a slower
hydrophobic interaction between the conjugated backbone of
the polymers and the hydrophobic patches of HSA domain II.
This interaction induces conformational changes in the
polymer chains, disrupting backbone interactions, resulting in
a blue-shift of the emission spectrum as well as an additional
increase in fluorescence intensity.
Finally, we have explored if the ability of HSA to bind and

transport hydrophobic compounds is maintained after inter-
action with HTMA-PFNT, to evaluate the possibility of using
these fluorescent nanostructures as drug carriers. For this end,
we have selected the fluorophore DPH as a model compound
for a hydrophobic drug. This molecule is nonfluorescent in
aqueous media but becomes strongly fluorescent when
incorporated in nonpolar environments, where it fluoresces at
an emission wavelength different from that of HTMA-PFNT
(430 nm). In addition, this fluorophore shows a high steady-
state anisotropy, ⟨r⟩, in motionally restricted environments,
such as the hydrophobic cavities of HSA.42 A few microliters
from the stock solution of DPH in DMF were added (3 μM
final concentration) to buffer samples containing HSA 3 μM, in
the absence and the presence of polyelectrolyte, and to a
sample containing only polyelectrolyte (1.5 μM) in buffer and
were allowed to stabilize for 30 min. Fluorescence spectra and
anisotropy values of the different samples are shown in Figure
S9 and Table 2. Results indicate that while DPH is
nonfluorescent in the buffer containing only HTMA-PFNT,
it fluoresces in the polyelectrolyte-HSA complexes (although
with less intensity than in the protein solution), showing a high
anisotropy value. It suggests that in the presence of HTMA-
PFNT, a part of the hydrophobic cavities of the protein is still
accessible to nonpolar compounds, thus evidencing the ability

of using these fluorescent nanostructures as carriers for
hydrophobic drugs.

HTMA-PFNT/Liposomes Interactions. A second ap-
proach to stabilize the HTMA-PFNT in buffer was the use of
liposomes, in order to obtain fluorescent nanoparticles which
were capable of performing more than one function
simultaneously. Polyelectrolyte-liposome interaction was ex-
plored in samples containing LUVs of the zwitterionic lipid
DOPC (1 mM), monitoring the changes occurring in the
polyelectrolyte fluorescence. When HTMA-PFNT was added
to the sample, a strong increase in the fluorescence signal was
observed, reaching ∼85% of its intensity maximum value in a
few seconds and taking around 20 min for total stabilization
(Figure S8b). To determine the affinity of HTMA-PFNT to
liposomes, samples containing increasing concentrations of
LUVs, with final lipid concentrations ranging from 0 to 1 mM,
were prepared in buffer. The same concentration of HTMA-
PFNT (1.5 μM, in terms of repeat units) was added to all of
the samples, which were incubated for 20 min at room
temperature. Figure 5 shows the emission spectra recorded for
the different samples. A strong enhancement of the
fluorescence intensity was observed up to a lipid concentration
of about 1 mM. Higher concentrations of lipid did not modify
the fluorescence signal indicating that at this lipid concen-
tration, all the polymer chains bind to the lipid membrane from

Scheme 2. Schematic Model, Which Shows the Possible Interaction between HTMA-PFNT Aggregates (i) in Buffer (ii) with
HSA and (iii) Lipid Vesicles of DOPC

Figure 5. Fluorescence emission spectra of HTMA-PFNT (1.5 μM) in
buffer with increasing concentrations of DOPC. Inset: Differences in
fluorescence intensity by increasing the DOPC concentration. (λexc =
510 nm).
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the aqueous medium and no aggregates remain in the buffer.
Changes in the fluorescence intensity were used to estimate the
partition coefficient of the polyelectrolyte between the
zwitterionic membrane and the aqueous phase (Kp), fitting
the fluorescence intensities measured at low lipid concen-
trations to the following equation (see the inset in Figure 5)43

γ
Δ = Δ

+
I

I L
K L

[ ]
1/( ) [ ]

max

P (2)

where KP is the phospholipid/water partition coefficient of the
polymer, ΔI (ΔI = I−I0) stands for the difference between the
fluorescence intensity of the HTMA-PFNT measured in the
presence (I) and in the absence (I0) of the phospholipid
vesicles, ΔImax= I∞ − I0 is the maximum value of this difference
once the limiting value is reached (I∞) upon increasing the
phospholipid concentration [L], and γ is the molar volume of
the phospholipid (for DOPC in the fluid phase the value of γ is
0.9 M−144). From a two-parameter (ΔImax and KP) fitting
procedure, a KP value of (1.1 ± 0.1) × 104 was obtained, which
indicates high affinity of the polymer for the lipid bilayer. This
value is in the same range as that determined for the blue
cationic polyelectrolyte HTMA-PFP in zwitterionic liposomes
but 1 order of magnitude lower than that determined in anionic
liposomes,27 suggesting that hydrophobic forces more than
electrostatics are responsible for the interaction between
polyelectrolyte and liposome. Simultaneously to the fluores-
cence intensity increase (the quantum yield grew to 0.14 as
compared to 0.01 measured in buffer), a 17 nm blue-shift and a
slight narrowing of the emission spectrum of the polyelectrolyte
was observed after incorporation into the vesicles (Figure 5 and
Table 1). These results evidence a clear reduction in the
polymer aggregation as a consequence of membrane inter-
action. Probably, once HTMA-PFNT is added to the liposome
suspension, self-assembled aggregates rapidly interact with the
lipid membranes. This interaction should induce the disruption
of aggregates through a mechanism mediated by hydrophobic
interactions between the conjugated backbone of the polymer
and the lipid molecules. The breakup of aggregates separates
the polymeric backbones, decreasing the effective conjugation
length and thus reducing self-quenching. It results in a blue-
shift of the emission maximum and a several-fold amplification
of the fluorescence emission. The fact that the fluorescence
spectrum maximum is even more shifted to the blue than that
found in ethanol (Table 1) suggests that incorporation of the
polyelectrolyte into the bilayer causes a twist of the main chain,
reducing the planarity of the backbone and therefore the
conjugation length.
In order to explore if the polyelectrolyte-membrane

interaction destabilizes the liposome bilayer structure, various
types of experiments were carried out. First, DLS measure-
ments of DOPC vesicles were performed before and after
polymer addition. In the absence of polyelectrolyte, a single
distribution was observed centered at 99 ± 39 nm (Table 2).
When HTMA-PFNT 1.5 μM was added to this lipid
suspension, a similar distribution was recorded centered at
110 ± 54 nm, and no additional population was detected.
These results confirm that polymer aggregates are not found in
the buffer, and therefore all the polymer chains are interacting
with liposomes and suggest that the integrity of the lipid
vesicles is retained after HTMA-PFNT interaction since no
vesicle fusion or decomposition into small fragments is
detectable. This hypothesis was supported by TEM images

that were taken for DOPC samples in the absence and the
presence of polyelectrolyte (Figure S10). Additionally, the
effect of polyelectrolyte on the liposome integrity was explored
through leakage experiments, by monitoring the induced
release of the fluorophore CF from DOPC vesicles in the
presence of HTMA- PFNT. When CF is encapsulated at high
concentration in the aqueous cavity of lipid vesicles, its
fluorescence decreases by an autoquenching process;45,46

therefore, if the vesicle membrane is perturbed by the
incorporation of polyelectrolyte, then the dye is released and
the fluorescence signal increases after its dilution in buffer.
Figure 6a shows the CF fluorescence intensity encapsulated in

DOPC liposomes in the absence and the presence of HTMA-
PFNT (1.5 μM) and after addition of Triton (10%) which
induces the complete lysis of the vesicles. Results show that the
presence of polyelectrolyte at 1.5 μM does not modify the
fluorescence intensity of CF, confirming that the integrity of the
lipid vesicles is maintained at this polymer concentration.
Although the above experiments confirm the interaction of

HTMA-PFNT with the lipid vesicles, preserving their integrity
to yield fluorescent nanoparticles, they do not inform if the
polyelectrolyte remains located close to the surface or
embedded in the lipid bilayer. To gain more insight into this
subject quenching experiments of the polyelectrolyte, in the
presence and in the absence of lipid vesicles, were carried out
using the anionic electron acceptor AQS. This molecule has
been reported to be an excellent quencher for cationic
conjugated polyelectrolytes, and it is soluble in water but not
in lipid bilayer.32,47 When increasing concentrations of AQS
were added to both samples, a decrease in the fluorescence
signal was observed, being this effect higher in buffer than in
the vesicle suspension (Figure 6b). The Stern−Volmer plots
were linear in the range studied (up to 10 μM), with Ksv = 1.1
± 0.2 × 106 and Ksv = 5.9 ± 0.2 × 104 for buffer and lipid
vesicles, respectively (see eq 1), indicating that the polymeric
chains are inserted in the lipid bilayer close to the membrane
surface, relatively accessible to the quenchers, and not in the
deep hydrophobic core. According to all these results
(fluorescence spectra, DLS, TEM, leakage, and quenching
experiments), we have proposed a model for the interaction
between HTMA-PFNT and liposomes, which is shown in
Scheme 2.
The ability of these fluorescent nanoparticles to be used as

drug carriers was investigated, as for polymer-HSA complexes,
using DPH as a model compound for a hydrophobic drug.
Experiments were carried out at low lipid concentrations to be

Figure 6. a) Fluorescence intensity of CF encapsulated in DOPC
liposomes recorded at 525 nm in the absence and the presence of
HTMA-PFNT (1.5 μM) and after addition of Triton (10%). b)
Stern−Volmer plots for quenching of HTMA-PFNT (1.5 μM) by
AQS in buffer (ο) and vesicles of DOPC (■).
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sure that all the liposomes were in contact with the
polyelectrolyte. The fluorescence spectra and anisotropies of
DPH were recorded in lipid vesicles in the presence and the
absence of polyelectrolyte. Results are shown in Figure S9 and
Table 2. The fact that the fluorescence intensity and anisotropy
values were similar in both samples (with and without
polyelectrolyte) indicates that HTMA-PFNT binding onto
the liposome is not affecting the insertion of the DPH in the
lipid bilayer, confirming the use of these fluorescent nano-
particles as nanocarriers for hydrophobic drugs. Liposomes can
also be used to transport polar compounds in its inner aqueous
phase. The previous leakage experiments made with CF to
confirm the integrity of the liposome coated with HTMA-
PFNT serve also to show their ability to carry hydrophilic
molecules.
Taking into account the interesting properties of these

nanoparticles we decided to explore their stability as a function
of storage time and temperature, monitoring the fluorescence
spectra and plotting the area of each spectrum as a function of
these parameters. Results show that when samples are kept in
the dark at 4 °C, the fluorescence signal and the spectrum
shape were unaltered at least for 3 days after preparation,
indicating that aggregation between vesicles is not taking place
(Figure 7a). The absence of aggregation was verified from DLS
experiments since similar distributions, centered around 110
nm, were obtained for the same sample with 2 h of difference
(Table 2). Thermal stability of the nanoparticles was evaluated
from 15° to 60 °C and from 60 to 15 °C for the same sample
(Figure 7b). Fluorescence intensity showed a slight decrease in
the temperature range explored when temperature was
increased, which have been also reported for other conjugated
polyelectrolytes.48,49 The fact that the initial fluorescence
intensity was recovered after cooling indicates that the
reduction of intensity is mainly caused by the increase of
probability of nonradiative transitions at higher temperatures,
and not by aggregation of nanoparticles induced by temper-
ature, with the subsequent deposition of the aggregates formed.
In addition to the storage time and temperature studies, we
have explored the photostability by monitoring the fluorescence
signal of the nanoparticles under continuous radiation,
recording the emission spectra at the beginning and the end
of the radiation (Figure 7c). No photobleaching was observed
during this period indicating that the fluorescent nanoparticles
are photostable and, therefore, particularly suited as bioimaging
probes.

To test the above possibility, preliminary fluorescence and
phase contrast microscopy experiments were performed with
the human keratinocyte cell line HaCaT. The microscopy
images were obtained before and after addition of the liposome-
based nanoparticles. Figure 8 shows the cells in the presence of

the fluorescent nanoparticles (final concentration 0.2 μM in
polymer) observed by phase contrast microscopy (a) and upon
excitation with Vis-light using an excitation filter at 555/25 nm
band-pass and an emission filter at 620/60 nm band-pass (b).
Both images correspond to the same field and were taken 5 min
after nanoparticle addition. Results show that nanoparticles
rapidly interact with the cells, allowing for their visualization
under fluorescence microscopy. The fact that similar images
were observed after 1 h of incubation indicates that
nanoparticles do not affect the integrity of the cellular
membrane and confirms the ability of these structures to be
used as fluorescent probes for biological imaging.

■ CONCLUSIONS
In conclusion, a new red-emitting fluorene-based conjugated
polyelectrolyte HTMA-PFNT has been synthesized by
incorporation of the chromophore naphtha[2,3c][1,2,5]
thiadiazole (NTD) on fluorene backbone, extending the
conjugation length in the polymer chain. The polyelectrolyte
shows poor solubility in buffer, leading to aggregates of very
low fluorescent quantum yield. Complexation of HTMA-PFNT
with two biological systems which are known to be used as
nanocarriers, HSA and lipid vesicles, allows for its stabilization
in buffer without perturbing the biomolecule structure and

Figure 7. a) Effect of storage time, b) temperature, and c) continuous radiation of HTMA-PFNT incorporated in DOPC liposomes. For
temperature experiments the sample was heated from 15 to 60 °C (■) and subsequently cooled to the starting temperature (ο). Insets:
Fluorescence emission spectra recorded at the beginning (black line) and end (dots) of each experiment. (λexc = 510 nm).

Figure 8. Microscopy images of HaCaT cells in the presence of
liposome-based nanoparticles (0.2 μM final polymer concentration)
observed under a) phase contrast and b) visible-light using the Leica
DsRed filter set containing an excitation filter at 555/25 nm band-pass
and an emission filter at 620/60 nm band-pass.
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vesicle integrity, leading to red fluorescent nanostructures of
similar size but different composition. The properties of the
protein nanoparticles are consistent with polyelectrolyte
aggregates covered with HSA molecules. Furthermore, the
ability of the protein to bind nonpolar compounds is preserved
after interaction with the polyelectrolyte, allowing for the
transport of small hydrophobic drugs. The liposome-based
nanoparticles consist of lipid vesicles coated with polyelec-
trolyte and are much more fluorescent than the previous one,
showing a high stability with time, temperature, and light. Since
the integrity of the lipid vesicles is maintained after
polyelectrolyte incorporation, we checked their ability to
transport hydrophilic and hydrophobic compounds, therefore
extending the applications of these fluorescent nanoparticles to
those typical of liposomes.28 Finally, the capacity of the
nanoparticles to be used as fluorescent probes for biological
imaging was demonstrated by studies performed with HaCaT
cells. All these results support the potential use of these novel
nanostructures as multifunctional platforms in important
biomedical applications such as bioimaging and drug
delivery.50−52 To our knowledge this is the first time that
nanoparticles composed of liposomes coated with conjugated
polyelectrolytes have been made and used to fluorescently label
the cell membrane of live cells as well as to carry hydrophobic
and hydrophilic compounds. This work therefore represents an
important step toward designing and applying conjugated
polyelectrolyte based nanoparticles that function in both
imaging and therapeutic applications.
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Domains of Human Serum Albumin. Structural Characterization and
Ligand Binding Properties. J. Biol. Chem. 1999, 274, 29303−29310.

(39) Esquembre, R.; Pastor, I.; Mallavia, R.; Mateo, C. R.
Fluorometric Detection of Nitric Oxide Using 2,3-Diaminonaphtha-
lene Incorporated in ß-cyclodextrin. J. Photochem. Photobiol., A 2005,
173, 384−389.
(40) Catena, G. C.; Bright, F. V. Thermodynamic Study on the
Effects of ß-cyclodextrin Inclusion with Anilinonaphthalenesulfonates.
Anal. Chem. 1989, 61, 905−909.
(41) Abou-Zied, O. K.; Al-Shihi, O. I. K. Characterization of
Subdomain HA Binding Site of Human Serum Albumin in its Native,
Unfolded, and Refolded States Using Small Molecular Probes. J. Am.
Chem. Soc. 2008, 130, 10793−10801.
(42) Litman, B. J.; Barenholz, Y. Fluorescent Probe: Diphenylhex-
atriene. Methods Enzymol. 1982, 81, 678−685.
(43) Coutinho, A.; Prieto, M. Self-Association of the Polyene
Antibiotic Nystatin in Dipalmitoylphosphatidylcholine Vesicles: A
Time-Resolved Fluorescence Study. Biophys. J. 1995, 69, 2541−2557.
(44) Davenport, L.; Dale, R. E.; Bisby, R. H.; Cundall, R. B.
Transverse Location of the Fluorescent Probe 1,6-Diphenyl-1,3,5-
Hexatriene in Model Lipid Bilayer Membrane Systems by Resonance
Excitation Energy Transfer. Biochemistry 1985, 24, 4097−4108.
(45) Van Renswoude, J.; Hoekstra, D. Cell-Induced Leakage of
Liposome Contents. Biochemistry 1981, 20, 540−546.
(46) Bandyopadhyay, P.; Bandyopadhyay, P.; Regen, S. L. An Ion
Conductor that Recognizes Osmotically-Stressed Phospholipid
Bilayers. J. Am. Chem. Soc. 2002, 124, 11254−11255.
(47) Chemburu, S.; Ji, E.; Casana, Y.; Wu, Y.; Buranda, T.; Schanze,
K. S.; Lopez, G. P.; Whitten, D. G. Conjugated Polyelectrolyte
Supported Bead Based Assays for Phospholipase A 2 Activity. J. Phys.
Chem. B 2008, 112, 14492−14499.
(48) Martínez-Tome,́ M. J.; Esquembre, R.; Mallavia, R.; Mateo, C.
R. Formation and Characterization of Stable Fluorescent Complexes
between Neutral Conjugated Polymers and Cyclodextrins. J. Fluoresc.
2013, 23, 171−180.
(49) Traiphol, R.; Sanguansat, P.; Srikhirin, T.; Kerdcharoen, T.;
Osotchan, T. Spectroscopic Study of Photophysical Change in
Collapsed Coils of Conjugated Polymers: Effects of Solvent and
Temperature. Macromolecules 2006, 39, 1165−1172.
(50) Wen, C. J.; Sung, C. T.; Aljuffali, I. A.; Huang, Y. J.; Fang, J. Y.
Nanocomposite Liposomes Containing Quantum Dots and Anticancer
Drugs for Bioimaging and Therapeutic Delivery: A Comparison of
Cationic, Pegylated and Deformable Liposomes. Nanotechnology 2013,
24 (32), 325101.
(51) Chen, K.; Xie, J.; Chen, X. RGD-Human Serum Albumin
Conjugates as Efficient Tumor Targeting Probes. Mol. Imaging 2009,
8, 65−73.
(52) Quan, Q.; Xie, J.; Gao, H.; Yang, M.; Zhang, F.; Liu, G.; Lin, X.;
Wang, A.; Eden, H. S.; Lee, S.; Zhang, G.; Chen, X. HSA Coated Iron
Oxide Nanoparticles as Drug Delivery Vehicles for Cancer Therapy.
Mol. Pharmaceutics 2011, 8, 1669−1676.

ACS Applied Materials & Interfaces Research Article

DOI: 10.1021/acsami.5b10167
ACS Appl. Mater. Interfaces 2016, 8, 1958−1969

1969

http://dx.doi.org/10.1021/acsami.5b10167


S-1 

 

Supporting Information 

New Red-Emitting Conjugated Polyelectrolyte: 

Stabilization by Interaction with Biomolecules 

and Potential Use as Drug Carriers and 

Bioimaging Probes 

 

Zehra Kahveci‡, Rebeca Vázquez-Guilló‡, Maria José Martínez-Tomé, Ricardo 

Mallavia, C.Reyes Mateo* 

Instituto de Biología Molecular y Celular, Universidad Miguel Hernández, 03202, 

Elche, Alicante, Spain 

*E-mail: rmateo@umh.es 

mailto:rmateo@umh.es


S-2 
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Figure S7. FT-IR spectra of P1 and HTMA-PFNT.  
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Figure S8. Kinetics of interaction of HTMA-PFNT (1.5 M) with a) HSA (6 M)) 

and b) LUVs of DOPC (1mM). exc=510 nm; em=650 nm. 

 

 

 

 

Figure S9. Fluorescence spectra of DPH in different samples: LUVs of DOPC 

(black), LUVs coated with polyelectrolyte chains (red), HSA (blue), HSA-

polyelectrolyete complexes (yellow) and polyelectrolyte aggregates in buffer (pink). 
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Figure S10. Transmission electron micrographs of negatively stained (a) HTMA-PFNT 

in buffer, (b) HTMA-PFNT with HSA, (c) lipid vesicles (LUVs) of DOPC and (d) lipid 

vesicles (LUVs) of DOPC with HTMA-PFNT. 
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Selective recognition and imaging of bacterial
model membranes over mammalian ones by using
cationic conjugated polyelectrolytes†

Z. Kahveci,* R. Vázquez-Guilló, A. Mira, L. Martinez, A. Falcó, R. Mallavia and
C. R. Mateo*

The development of new tools for the detection and fluorescence imaging of bacteria is of great interest

in clinical diagnosis and food and environmental safety. In this work, we have explored the ability of two

cationic fluorene-based conjugated polyelectrolytes, HTMA-PFP and HTMA-PFNT, emitting in the blue

and red spectral regions respectively, to selectively label bacterial over mammalian cells. With this end in

view, vesicles with lipid compositions mimicking those of bacterial or mammalian membranes were used

as model membranes to explore the interaction of the polyelectrolytes with both systems in samples

containing either a single type of vesicle or a mixture of both. Changes in the intrinsic fluorescence of

HTMA-PFP and HTMA-PFNT were used to quantify the affinity of these polyelectrolytes for the model

lipid membranes, while quenching experiments were employed to evaluate their selectivity to each lipid

system. In addition, fluorescence microscopy experiments were performed to check the ability of poly-

electrolytes to label the vesicles without affecting their integrity. Results showed that both polyelectrolytes

rapidly label the model vesicles but they preferentially bind to those mimicking bacterial membranes,

HTMA-PFNT being much more selective to this type of membranes than HTMA-PFP. Preliminary experi-

ments with living bacteria and mammalian cells support this conclusion, showing that in samples with

both types of cells together, HTMA-PFNT only images the bacterial cells, thus evidencing its potential use

for the selective recognition and imaging of bacterial presence.

Introduction

Bacteria are among the most ubiquitous of living organisms.
They are extremely adaptable and able to quickly colonize and
grow in a wide range of environments, even under extreme
conditions.1 Conventional, laboratory-based methods of bac-
terial detection often require specialized equipment, particular
reagents, and trained users; therefore, they are costly and
entail long processing times.2,3 In the case of pathogenic bac-
teria, their rapid detection and identification in, for instance,
clinical samples and food and beverages, are critical for either
the prevention or early treatment of many problems related to
health. As a result, there is an obvious need to develop fast
and highly sensitive assays that could detect very small
numbers of pathogenic bacterial cells in these types of
samples.4,5

Fluorescence imaging of bacterial contamination by selecti-
vely targeting the bacterial cell membranes over the mamma-
lian cell membranes has emerged as a powerful and fast tool
in clinical diagnosis and food and environmental safety.6–9

Most of the existing membrane fluorescent markers (generally,
small organic fluorophores and fluorescent proteins) exhibit
interesting properties; for instance, they can adapt to different
experimental conditions and possess tunable optical pro-
perties. However, these fluorescent materials also show impor-
tant limitations such as photobleaching, self-quenching and
chemical decomposition, which restrict their applications.10,11

Among them, the most known alternative is semiconductor-
based quantum dots (QDs), but the potential cytotoxicity risk
associated with their heavy metal components, for instance,
cadmium, remains a major concern for the use of these nano-
particles in biological studies.12–14 Recently, a new class of
fluorescent carbon nanomaterials, i.e. carbon quantum dots
(CQDs), has been developed. These materials, which have been
used for bacterial detection recently,8 possess the attractive
properties shown by QDs with the added advantage of being
biocompatible as well.15 However, complex processes of
passivation and anchoring of recognition molecules using

†Electronic supplementary information (ESI) available: Additional fluorescence
studies and equations. See DOI: 10.1039/c6an01427e

Instituto de Biología Molecular y Celular, Universidad Miguel Hernández,

03202 Elche, Alicante, Spain. E-mail: rmateo@umh.es, zkahveci@umh.es
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expensive and, in occasions, toxic coupling agents are
currently indispensable in the functionalization of CQDs for
selective targeting.16 In addition, long incubation times are
required before cell visualization using these materials.8

Therefore, the improvement of synthesis methods for the
biofunctionalization or development of new fluorescent
markers targeting bacterial membranes continues to be a
significant challenge.

Ideal membrane markers should be highly fluorescent,
water-soluble, biocompatible, photostable and composed of
two structural components: a group with affinity for the
membrane surface and a reporter group. Recently, much inter-
est has been generated in synthesizing novel highly-fluorescent
conjugated polyelectrolytes (CPEs). These materials are photo-
stable polymers with delocalized π-electron systems which
show strong absorption and high fluorescent quantum
yields17,18 and contain ionic side groups to facilitate their
water solubility and their electrostatic interaction with species
of opposite charge. Electron delocalization facilitates rapid
intra- and inter-chain exciton migration, conferring collective
optical responses and amplified signals when compared to
conventional fluorophores. Their potential biocompatible and
biodegradable characteristics enable the use of CPEs in vitro
without risking the cellular viability.19,20 Moreover, another
advantage is the ease of attaching reactive groups to these
CPEs as side chains, which consequently allows, for instance,
bioconjugation of extra recognition elements.21 Given these
properties, CPEs have received great attention in biomedical
applications, especially as potential fluorescence sensors for
small molecules, metal ions and biomolecules22–25 and as
promising alternatives in cell imaging as novel fluorescent
probes.26–35 In addition, certain CPEs have been demonstrated
to exhibit antimicrobial and antitumoral activities through
different mechanisms.36,37

Fluorene-based CPEs contain a rigid hydrophobic backbone
with flexible charged side chains, which shows an interesting
aggregation behaviour. They represent an attractive class of
CPEs due to their high fluorescence quantum yield, good
chemical and thermal stability and easy substitution at the
fluorene C9 position enabling the grafting of different side
chains. Polyfluorenes emitting at different wavelengths can be
obtained, among others, by copolymerizing the fluorene
monomer with appropriate aryl monomers. In this sense, our
group has synthesized a blue-emitter cationic CPE, copoly-
{[9,9-bis(6′-N,N,N-trimethylammonium) hexyl]-2,7-(fluorine)-
alt-1,4-(phenylene)} bromide (HTMA-PFP), which incorporates
a phenyl group on the fluorene backbone, and a red-emitter
cationic polyfluorene, copoly-{[9,9-bis(6′-N,N,N-trimethyl-
ammonium)hexyl]-2,7-(fluorene)-alt-1,4-(naphtho[2,3c]-1,2,5-
thiadiazole)} bromide (HTMA-PFNT), which incorporates the
chromophore naphtha[2,3c][1,2,5] thiadiazole (NTD) (Scheme 1).
Incorporation of the NTD group induces a long red shift in the
emission spectrum, which can be due to either an extension of
the conjugation length in the polymer backbone or to an
extensive charge transfer between fluorene and NTD entities.
Both CPEs have been characterized in aqueous solutions as

well as in the presence of biological systems such as lipid
vesicles and proteins.38–41 These studies show the rapid inter-
action of both CPEs with the biomolecules and indicate their
potential use as fluorescent membrane markers. In particular,
in the case of the blue polymer HTMA-PFP, an exhaustive
study was carried out with anionic and zwitterionic model
lipid membranes, showing that this CPE displays a higher
affinity for anionic lipids than that for zwitterionic lipids, as
has been also found for other cationic CPEs,42 selectively label-
ing and imaging the anionic vesicles over zwitterionic ones.40

It is known that one of the most characteristic differences
between bacterial and mammalian cells is in the composition
of their cell membranes. For instance, the outer leaflet of
bacterial membranes contains abundant negatively charged
lipids, while it is predominantly zwitterionic for human
eukaryotic cell membranes.43 The different behaviour of
HTMA-PFP towards anionic and zwitterionic membranes
suggests that this kind of CPE could be used for the selective
recognition and imaging of bacteria over mammalian cells
and, therefore, as a rapid tool to detect the presence of bac-
teria. In the present work we have investigated this possibility
by exploring, on the one hand, the interaction of HTMA-PFP
with unilamellar vesicles with lipid compositions mimicking
those in mammalian or bacterial membranes and, on the
other hand, the capacity of the CPE to fluorescently label and
differentiate bacterial cells from mammalian cells. In addition,
a similar study has been performed with the red CPE
HTMA-PFNT, and the abilities of both polymers to selectively
bind bacterial cell membranes have been compared.

Experimental section
Materials

The synthetic phospholipids 1,2-dioleoyl-sn-glycero-3-phospho-
choline (DOPC), 1,2-dioleoyl-sn-glycero-3-phosphoetanolamine
(DOPE), 1,2-dioleoyl-sn-glycero-3-phospho-rac-(1-glycerol) sodium
salt (DOPG), cholesterol (Chol), and cardiolipin sodium salt
from bovine heart (CA) were from Sigma-Aldrich and were
used as received. The cationic CPEs HTMA-PFP (Mn [g mol−1] =
4170; Mw [g mol−1] = 8340) and HTMA-PFNT (Mn [g mol−1] =
4507; Mw [g mol−1] = 8990) were obtained and characterized in
our laboratory. Briefly, batches of the neutral polymers,

Scheme 1 Chemical structure of HTMA-PFP (left) and HTMA-PFNT
(right).
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poly[bis(6′-bromohexyl)fluorene-phenylene] and copoly-{9,9-bis
(6-bromohexyl)-2,7-fluorene-alt-1,4-(naphto[2,3c]-1,2,5-thiadi-
azole)}, were synthesized by Suzuki coupling reaction with
Pd(II) as a catalyst and treated with gas-phase trimethylamine
in order to obtain the corresponding cationic CPEs HTMA-PFP
and HTMA-PFNT, respectively.41,44,45 Stock solutions of
HTMA-PFP and HTMA-PFNT were prepared in DMSO with a
final concentration of 3.65 × 10−4 M (in repeat units) and
stored at −20 °C before use. The quencher 9,10-anthra-
quinone-2,6-disulfonic acid (AQS) was obtained from Sigma-
Aldrich (St Louis, MO, USA) and dissolved in water (5 mM) just
before use. All other solvents were of spectroscopic reagent
grade (Uvasol, Merck). Sodium phosphate buffer (50 mM,
0.1 M NaCl, pH 7.4) was prepared with water which was
previously double distilled in all-glass apparatus and deionized
using Milli-Q equipment (Millipore, Madrid, Spain).

Preparation of large unilamellar vesicles (LUVs)

Chloroform/methanol solutions containing 3 mg of lipid mix-
tures for each model membrane (for the bacterial model mem-
brane: DOPE : DOPG : CA (67 : 23.2 : 9.8, molar ratio) and for
the mammalian model membrane: DOPC : Chol (70 : 30, molar
ratio)) were first dried by evaporation under a dry nitrogen gas
stream and subsequently under vacuum for 3 h. Multilamellar
vesicles (MLVs) were formed on resuspending the dried
mixture of lipids in a certain volume of buffer to reach the
required final concentrations. The vesicle suspension was then
vortexed several times. Large unilamellar vesicles (LUVs) of the
model membranes were prepared from these MLVs by pressure
extrusion through 0.1 µm polycarbonate filters (Nucleopore,
Cambridge, MA, USA). All samples were used on the same day
they were prepared.

Preparation of giant unilamellar vesicles (GUVs)

Giant unilamellar vesicles (GUVs) composed of
DOPE : DOPG : CA and DOPC : Chol were prepared with the
gentle hydration method instead of the most widely used elec-
troformation method because the presence of charged lipids
or cholesterol is a limitation to the electroformation of
vesicles.46 Briefly, lipids were dissolved in chloroform/metha-
nol at a final lipid concentration of 5 mM. Then, 10 µl of this
solution was dropped on a microscope slide which was pre-
viously washed with alcohol and dried. This sample was left to
dry at room temperature for a few seconds and subsequently
under vacuum for 2 h. Afterwards, the lipid film was hydrated
with 15 µl of a sucrose solution (0.2 M) in a humid chamber
overnight. To better observe the synthesized GUVs under the
microscope, 400 μL of a 0.2 M glucose solution were previously
added to the wells in order to settle 50 μL of GUVs to the
bottom of the chamber. Samples were preserved for 2 h at
10 °C before microscopy visualization.

Preparation of CPE/lipid samples

Aliquots of HTMA-PFP and HTMA-PFNT in DMSO were exter-
nally added to the lipid vesicle suspension. In all cases, the
proportion of DMSO in the aqueous samples was always lower

than 1% (v/v). In the fluorescence studies, the final concen-
tration of the CPEs was 1.5 µM (in terms of repeat units).
Previous studies by our group have reported that at this
concentration, these CPEs do not perturb the membrane
integrity.39–41

Fluorescence measurements

Fluorescence spectra and fluorescence intensity measurements
were performed using a QuantaMaster spectrofluorometer
(PTI, Birmingham, NJ, USA). The experimental samples were
placed in 10 mm × 10 mm path length quartz cuvettes.
Samples were excited at 380 nm (HTMA-PFP) and 510 nm
(HTMA-PFNT). Background intensities were always checked
and subtracted from the sample when necessary. All fluo-
rescence spectra were corrected for the variations in photo-
multiplier response over wavelength.

Partition coefficient measurements

Changes in the fluorescence intensity of HTMA-PFP and
HTMA-PFNT as a function of lipid concentration were used to
estimate the partition coefficient of the CPE between the lipid
membrane and the aqueous phase (KP), which is defined in
terms of molar concentrations as:

KP ¼ nL=VL
nW=VW

ð1Þ

where ni represents the moles of the compound in phase i and
Vi represents the volume of phase i. The phase is either
aqueous (i = W) or lipidic (i = L). The quantitation of Kp was
done according to:47

ΔI ¼ ΔImax½L�
1=ðKpγÞ þ ½L� ð2Þ

where ΔI (ΔI = I − I0) represents the difference between the
fluorescence intensities (or emission spectrum areas) of the
CPEs measured in the presence (I) and absence (I0) of lipid
vesicles, ΔImax = I∞ − I0 is the maximum value of this differ-
ence once the limiting value is reached (I∞) upon increasing
the lipid concentration [L], and γ is the phospholipid molar
volume, which is 0.763 M−1 for fluid phases.48

Fluorescence quenching experiments

Fluorescence emissions of the CPEs HTMA-PFP and
HTMA-PFNT in buffer and incorporated in model membrane
LUVs were studied in the absence and presence of different
concentrations of AQS. This molecule is an electron acceptor
and acts as a quencher of cationic CPEs, forming static
quenching complexes via attractive electrostatic inter-
actions.49,50 Stern–Volmer analysis was applied to the
fluorescence quenching data according to eqn (3):

I0
I
¼ 1þ KSV Q½ � ð3Þ

where I0 and I represent the steady-state fluorescence inten-
sities in the absence and presence of the quencher, respec-
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tively, [Q] is the quencher concentration and KSV is the Stern–
Volmer constant, which represents the association constant for
complex formation in the case of static quenching.49 The
percentage of quenching efficiency was calculated as (1 − I/I0)
× 100. In samples containing LUVs of bacterial and mamma-
lian lipid compositions at different proportions, the expected
intensity was obtained taking into account the fluorescence
intensity ratio of the CPE in both systems as well as the
fraction of each system (see ESI†).

Microscopy experiments

Fluorescence microscopy images were recorded using a Leica
DMI 3000B inverted microscope equipped with a Leica EL6000
compact light source and a Leica DFC3000G digital camera.
The imaging was performed using 63× magnification with
0.7 objective and the filter DAPI (Ex: BP 350/50, Em: BP
460/50) or DsRed (Ex: BP 555/25, Em: BP 620/60). Data acqui-
sition was monitored by manually formatting and processing
with Leica Application Suite AF6000 Module Systems.

Bacterial and mammalian cell imaging

The bacterial strain used in this study was Escherichia coli Top
10 F′. A culture of this strain that was grown in LB medium at
37 °C overnight was used to make 20% glycerol stock aliquots,
which were then stored at −80 °C until use. The concentration
of bacteria was determined as the number of colony forming
units per ml (CFUs per ml) from one of these stock aliquots.

The human cell line HeLa was cultured in high glucose
DMEM (Sigma Aldrich) supplemented with 2 mM L-glutamine,
10% FBS, penicillin–streptomycin (100 units penicillin per mL
and 0.1 mg streptomycin per mL; Sigma Aldrich) at 37 °C in a
humidified incubator under a 5% CO2 atmosphere. For
microscopy images, HeLa cells were previously trypsinized,
harvested and resuspended in phosphate-buffered saline
(PBS).

For the fluorescence microscopy assays, 8-well plates were
used. The final concentrations were 106 E. Coli Top 10 F′

bacteria per mL, 105 HeLa cells per mL and 0.2 μM of either
HTMA-PFP or HTMA-PFNT, in a total volume of 300 μL final
volume per mL in PBS. Microscopy images were taken in the
absence and presence of the CPEs separately or combining
both bacteria and cells.

Results and discussion
HTMA-PFP in model membranes

As was already mentioned above, the cationic conjugated CPE
HTMA-PFP (Scheme 1) interacts with lipid vesicles displaying
higher affinity for anionic lipid membranes than that for
zwitterionic lipid membranes, i.e. selectively labeling and
imaging the anionic vesicles over the zwitterionic ones.51 This
result suggests that this CPE could be used for the selective
recognition and imaging of bacterial cell membranes rich in
anionic lipids. To test this possibility, as a first step, we have
explored the interaction of the CPE with bacterial and mam-
malian membrane models. In order to mimic the different
membranes, the mixture of phospholipids of DOPE (% 67),
DOPG (% 23.2) and CA (% 9.8) was selected as the component
of the bacterial model membrane, which corresponds with the
composition of the outer membrane of the bacteria E. coli,
while the mixture of DOPC (% 70) and cholesterol (% 30) was
used for the mammalian model membrane.52–54 The affinity of
HTMA-PFP to both membranes was studied by recording its
fluorescence emission spectrum after addition (1.5 μM final
concentration) to samples containing increasing amounts of
the corresponding lipid vesicles, from 0 to 1 mM (Fig. 1a and
b). Note that changes in absorbance spectra were not used to
determine the affinity because of their being not very pro-
nounced and due to the high scattering induced by liposomes
(Fig. S2†). For the bacterial model, a strong enhancement of
the fluorescence intensity was observed as a function of lipid
concentration a few seconds after CPE addition, together with
a blue shift of the emission spectrum. Higher concentrations

Fig. 1 Fluorescence emission spectra, recorded upon excitation at 380 nm, for HTMA-PFP (1.5 µM) in buffer and at increasing concentrations (up to
1 mM) of (a) the bacterial model membrane and (b) the mammalian model membrane. (c) Area of the emission spectrum of HTMA-PFP at different
concentrations of bacterial (squares) and mammalian (circles) model membranes. Insets in (a) and (b) represent the normalized emission spectra
recorder in buffer (black) and in the presence of 1 mM of lipid (grey).
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of lipid, above 0.125 mM, practically did not modify the fluo-
rescence signal. This behaviour, which was also observed for
the CPE in the presence of LUVs of pure DMPG,39 indicates
that HTMA-PFP interacts with high affinity with the lipid
bilayer. As a consequence of this interaction, the polymer
chains become more extended than in buffer, where it forms
metastable aggregates, and the probability of polymer–polymer
interaction, and therefore the self-quenching efficiency, is
reduced, increasing the fluorescence quantum yield. For the
mammalian model, a blue-shift was also observed in the emis-
sion spectrum of the polymer, supporting the existence of
interaction, but it was slightly lower than that observed for the
bacterial lipids (Fig. 1b). In addition, the increase in fluo-
rescence intensity was slower and clearly lower, reaching its
maximum value at higher lipid concentrations (about
0.3 mM). This result indicates a lower affinity of the poly-
electrolyte for the mammalian membrane model as well as a
different mechanism of interaction, and suggests that aggre-
gates of HTMA-PFP are better solubilized in the bacterial mem-
brane model than in the mammalian membrane model.

The partition coefficient of the CPE between the lipid and
the aqueous phase (Kp) was determined plotting the area of
each spectrum as a function of lipid concentrations (Fig. 1c)
using eqn. (2). This value was obtained from a two-parameter
(ΔImax and Kp) fitting procedure. Results are shown in Table 1
and compared with those obtained in lipid vesicles of pure
zwitterionic (PC) and anionic (PG) lipid vesicles.39–41 The
different obtained Kp values are indicative of a preference of
HTMA-PFP for bacterial over mammalian membranes, but this
preference is lower than that observed for pure anionic over
zwitterionic membranes. The value obtained for the bacterial
model is slightly lower than that determined for pure anionic
vesicles, probably due to the presence of zwitterionic lipids in
its composition. However, both values are in the same scale,
suggesting that the mechanism of interaction between the CPE
and the bacterial membranes is mainly based on electrostatic
interactions between the quaternary amine groups of the CPE
(Scheme 1) and the anionic surface of the bacterial membrane.

The fact that the Kp for the mammalian system is about 4
times lower than that for the bacterial one, but still high
despite the absence of negative surface charge on the vesicles,
indicates that the hydrophobic effect and van der Waals forces
that dominate the partition to the neutral systems can also
account for an important part of the polymer–membrane
interaction.48

To gain more insight into the membrane–CPE interactions,
we took advantage of the fact that the fluorescence of
HTMA-PFP can be quenched by anionic electron acceptors
such as AQS, which is soluble in water but not in lipid mem-
branes.40,49,50 When the AQS concentration was increased in
bacterial and mammalian model membrane suspensions
containing HTMA-PFP, different behaviours were observed. In
the bacterial model, only a slight decrease in the fluorescence
signals of the CPE was detected, while the quenching effect
was much more pronounced in the mammalian model. Fig. 2a
shows the Stern–Volmer plots corresponding to these experi-
ments. Using eqn (3), KSV values of 1.3 ± 0.3 × 103 M−1 and
2.2 ± 0.3 × 104 were obtained from the slope of the plots for
bacterial and mammalian models, respectively (Table 1). This
result was used to estimate the most probable location of the
CPE in the different systems. A lower quenching and thus a
lower KSV for HTMA-PFP in the presence of vesicles would indi-
cate its protection from the quencher and hence its insertion
into the lipid bilayer. In the buffer, in the absence of lipid vesi-
cles, the KSV value is 1.6 × 107 M−1;39 therefore, the lower
values determined for HTMA-PFP in the presence of both
model membranes confirm its interaction. However, the fact
that KSV in the mammalian model is about 17 times higher
than that in the bacterial model indicates that the CPE

Fig. 2 (a) Stern–Volmer plots for the quenching of HTMA-PFP (1.5 µM)
by AQS in model bacterial (squares) and mammalian (circles) mem-
branes. (b) Quenching induced by [AQS] = 50 µM in the fluorescence
intensity of HTMA-PFP (1.5 µM) in samples containing mammalian LUVs
coexisting with increasing concentrations of bacterial LUVs. Inset:
Quenching efficiency versus increased bacterial vesicle percentage (blue
diamonds) compared with the theoretical quenching efficiency obtained
if the CPE had the same preference for both model membranes (blue
circles).

Table 1 Partition coefficient, Kp, values obtained from the fit of eqn (2), and Stern–Volmer constants, KSV, determined for HTMA-PFP and
HTMA-PFNT in different lipid membrane models in the presence of the quencher, AQS

System

Kp KSV (M−1)

HTMA-PFP HTMA-PFNT HTMA-PFP HTMA-PFNT

Mammalian 2.9 ± 0.1 × 104 2.2 ± 0.4 × 104 2.2 ± 0.3 × 104 5.1 ± 0.1 × 103

Bacterial 1.2 ± 0.3 × 105 4.7 ± 0.6 × 105 1.3 ± 0.3 × 103 4.0 ± 0.3 × 102

PC 1.3 ± 0.8 × 104 1.1 ± 0.1 × 104 1.4 ± 0.2 × 105 5.9 ± 0.2 × 104

PG 2.9 ± 1.3 × 105 1.1 ± 0.1 × 106 0 0
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remains located close to the membrane surface in the mam-
malian model, while it penetrates more deeply into the lipid
bilayer of the bacterial membrane. Comparing these KSV values
with those determined in lipid vesicles of PC and PG
(Table 1 39–41), we can conclude that HTMA-PFP in the bacterial
model is effectively embedded in the bilayer but it resides less
close to the hydrophobic core than for pure anionic lipids,
where no quenching is observed. This effect could be due to
the lipid composition of the bacterial membrane, containing
67% of zwitterionic phospholipids (DOPE), which reduces the
anionic net charge of the membrane surface and thus
decreases the level of penetration of the CPE into the bilayer.

The above results suggest the existence of different mechan-
isms for the interaction of HTMA-PFP with bacterial and
mammalian membrane models, which are caused by the
variations in the net membrane surface charge. In this sense,
although the fast and higher affinity of HTMA-PFP for the
anionic membrane is mainly attributed to electrostatic inter-
actions, the final location of the CPE indicates that hydro-
phobic forces also contribute to its solubilisation in the
bilayer, thus reducing its aggregation and increasing the fluo-
rescence quantum yield in bacterial membranes compared to
mammalian ones. This different behaviour supports the
hypothesis of HTMA-PFP being selective for bacterial over
mammalians membranes and, therefore, suggests its potential
use as a bacterial membrane marker. However, to confirm this
selectivity it is necessary to know the behaviour of the CPE in
samples containing both types of vesicles.

The fact that the extent of quenching by AQS is clearly
different in bacterial and mammalian membranes can be
used as a tool to monitor this behaviour. To this end,
different samples containing LUVs of mammalian lipid
composition were prepared, coexisting with increasing con-
centrations of bacterial LUVs, from 0% to 100% (the final
total lipid concentration was 1 mM). A constant concen-
tration of HTMA-PFP (1.5 µM) and AQS (50 µM) was added to
each sample, the fluorescence spectra were recorded and the
quenching efficiency was analysed. According to Fig. 2a, for
the sample containing only mammalian vesicles, the quench-
ing efficiency is around 50% at [AQS] = 50 µM, while for the
sample containing only bacterial vesicles, it is ∼7–8%. Fig. 2b
(and its inset) illustrates the experimental decrease observed
in the quenching efficiency as the proportion of bacterial vesi-
cles increases. This plot is also compared with the theoretical
data expected if HTMA-PFP had the same preference for bac-
terial and mammalian membranes. The theoretical curve
shows that, for a sample containing the same amounts of
both vesicles, a quenching efficiency of around 26% would be
obtained (see eqn (S1) in the ESI† and the inset in Fig. 2b).
However, this result was not observed and the efficiency
determined experimentally under these conditions was
instead much lower. In fact, an increase in the proportion of
bacterial vesicles rapidly decreased the quenching efficiency,
reaching similar efficiencies in a sample still containing 80%
of mammalian membranes and another one containing only
bacterial LUVs. This result confirms the selectivity of

HTMA-PFP to bacterial over mammalian model membranes,
as was previously suggested.

HTMA-PFNT in model membranes

In a recent paper we have already reported the synthesis and
characterization of a new fluorene-based CPE, HTMA-PFNT
(Scheme 1), which emits in the red region of the visible spec-
trum.41 This CPE is unstable in buffer, showing a low fluo-
rescence quantum yield and a high tendency to self-aggregate.
However, it shows high affinity for zwitterionic lipid vesicles,
increasing its fluorescence signal and leading to stable struc-
tures. From the affinity studies, a Kp value of 1.1 ± 0.1 × 104

was obtained between the zwitterionic membrane and the
aqueous phase, which was in a similar range as that deter-
mined for HTMA-PFP 39–41 (Table 1). The fact that both CPEs
have similar structures, containing side chains with cationic
quaternary amine groups, suggests that HTMA-PFNT could
also have a preference for anionic lipid over zwitterionic ones.
To explore this possibility, firstly we determined the CPE
affinity for pure anionic vesicles composed of DOPG. With this
aim, a fixed concentration of HTMA-PFNT (1.5 µM) was added
to samples containing increasing concentrations of lipid and
the fluorescence emission spectra were recorded and analyzed.
An enhancement in fluorescence intensity, with several folds
of amplification of the quantum yield, was observed in a lipid
concentration-dependent manner, as well as a slight blue-shift
of the emission maximum, which indicates the interaction of
the CPE with the anionic membrane (ESI, Fig. S1†). From these
results, Kp = 1.1 × 106 was determined using eqn (1) (Table 1).
This value was two orders of magnitude greater than that
obtained using the zwitterionic system, indicating that the pre-
ference of HTMA-PFNT for anionic lipids over zwitterionic ones
is even higher than that determined for HTMA-PFP. Therefore,
the CPE could be used for selective recognition of bacterial cell
membranes, probably with more efficacy than HTMA-PFP. To
test this possibility, we explored the interaction of the CPE with
bacterial and mammalian membrane models following the
same procedure as was previously shown with HTMA-PFP. Fig. 3
shows the fluorescence emission spectra of the CPE recovered at
increasing concentrations of both membrane models. As was
found for DOPG LUVs, an increase in the fluorescence intensity
and a blue-shift were observed depending on the lipid concen-
tration. In the case of the bacterial model, a very little amount
of lipid was required to reach the maximum fluorescence
signal, in contrast to that observed for the mammalian model.
The partition curves were plotted for each lipid system and the
Kp was extracted from these curves using eqn (1) (Fig. 3c and
Table 1). Thus, the Kp recovered for the bacterial model is about
one half of the value corresponding to that obtained with pure
PG vesicles, but 20 times higher than with the mammalian
model. Comparing the Kp values of both CPEs for the different
systems, we can conclude that HTMA-PFNT would be more
selective than HTMA-PFP for bacterial membranes, as was
previously suggested.

The location of HTMA-PFNT in the different lipid models
was explored using AQS, as previously described for the blue
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CPE. When increasing concentrations of the quencher were
added to DOPG vesicles containing HTMA-PFNT, no quench-
ing was observed, indicating that the CPE is well embedded in
the lipid bilayer (Table 1). However, the addition of AQS to
mammalian and bacterial vesicles induced a decrease in the
fluorescence, this effect being higher in the mammalian
model than in the bacterial one (Fig. 4a). The Stern–Volmer
plots were linear in the range studied, with KSV = 5.1 × 103 M−1

and KSV = 4.0 × 102 M−1 for mammalian and bacterial models,
respectively (Table 1). These values are lower than the value of
KSV = 1.1 × 106 M−1 obtained in buffer,41 which confirms that
in both membrane models the CPE is incorporated into the
bilayer. However, the higher value determined for the mamma-
lian model indicates that in this system the polymeric chains
are inserted in the lipid bilayer close to the membrane surface,
relatively accessible to the quenchers, while in the bacterial
model, HTMA-PFNT is located deeper inside the lipid bilayer.

As for HTMA-PFP, we have taken advantage of the fact that
the extent of quenching is different in bacterial and mamma-

lian model membranes in order to explore the selectivity of the
CPE in samples with both types of vesicles together. Samples
containing mixtures of bacterial and mammalian model mem-
branes were prepared by increasing the proportion of the
model bacterial membrane in the mixture from 0 to 100%
(final lipid concentration 1 mM). The same concentration of
CPE was added to all the samples (1.5 µM) and the fluo-
rescence spectra were recorded before and after the addition of
AQS (200 µM). Fig. 4b shows the experimental decrease
observed in the quenching efficiency as the proportion of bac-
terial vesicles increases. The plot is compared with the theore-
tical data expected if the CPE had the same preference for
bacterial and mammalian membranes (inset). From this plot
we can conclude that a very small proportion of bacterial vesi-
cles rapidly decreases the quenching efficiency and that when
HTMA-PFNT is added to a sample containing 95% of mamma-
lian membranes and 5% of bacterial membranes, all the
polymer chains are incorporated into the bacterial LUVs and
not in the mammalian ones.

This result evidences the high preference of the CPE for
these vesicles, and confirms that HTMA-PFNT has higher
selectivity and sensitivity for bacterial model membranes than
HTMA-PFP.

HTMA-PFP and HTMA-PFNT as cell membrane markers

The above results suggest the possibility of using the CPEs,
especially HTMA-PFNT, to detect bacterial contamination by
selectively targeting bacterial membranes over mammalian
cells. Before testing this possibility, firstly we explored whether
the CPEs were able to label and image the two types of cells
separately, preserving their integrity. The study was performed
by fluorescence microscopy, initially with model membranes
and later with bacterial and mammalian cells. For the study
with model membranes, GUVs composed of DOPE : DOPG : CA
and DOPC : Chol were prepared as described in Experimental
section. Microscopy images were recorded before and after the
addition of HTMA-PFP or HTMA-PFNT. In the absence of CPE,
both types of vesicles were visualized by phase contrast

Fig. 3 Fluorescence emission spectra, recorded upon excitation at 530 nm, for HTMA-PFNT (1.5 µM) in buffer and at increasing concentrations (up
to 1 mM) of (a) the bacterial model membrane and (b) the mammalian model membrane. (c) Area of the emission spectrum of HTMA-PFNT at
different concentrations of bacterial (squares) and mammalian (circles) model membranes. Insets in (a) and (b) represent the normalized emission
spectra recorded in buffer (black) and in the presence of 1 mM of lipid (grey).

Fig. 4 (a) Stern–Volmer plots for quenching of HTMA-PFNT (1.5 µM) by
AQS in model bacterial (squares) and mammalian (circles) membranes.
(b) Quenching induced by [AQS] = 200 µM in the fluorescence intensity
of HTMA-PFNT (1.5 µM) in samples containing mammalian LUVs coexist-
ing with increasing concentrations of bacterial LUVs. Inset: Quenching
efficiency versus increased bacterial vesicle percentage (red triangles)
compared with the theoretical quenching efficiency obtained if the CPE
had the same preference for both model membranes (red circles).

Analyst Paper

This journal is © The Royal Society of Chemistry 2016 Analyst

Pu
bl

is
he

d 
on

 0
7 

Se
pt

em
be

r 
20

16
. D

ow
nl

oa
de

d 
by

 U
ni

ve
rs

id
ad

 d
e 

G
ra

na
da

 o
n 

26
/0

9/
20

16
 1

2:
43

:5
7.

 
View Article Online

http://dx.doi.org/10.1039/C6AN01427E


microscopy (Fig. 5a and d), and no fluorescence was detected
when the samples were excited with UV or visible light. CPEs
were added to the same samples and fluorescence images were
taken 5 min after addition. Samples containing HTMA-PFP
were excited with UV-light (Fig. 5b and e), while those contain-
ing HTMA-PFNT were excited with visible-light (Fig. 5c and f).
Results show that both CPEs rapidly interact with the two
types of GUVs, labelling the membrane and allowing for their
visualization, without altering their spherical morphology.

For the in vitro studies with bacterial and mammalian cells,
E. coli Top 10 F′ strain and human HeLa cells were used. The
microscopy images were obtained before and after adding the
CPEs (0.2 µM final concentration). Fig. 6a and b show the fluo-
rescence images observed 5 min after the addition of
HTMA-PFP, upon excitation with UV-light. Results show the
ability of this CPE to label in blue both, bacterial and mamma-
lian cells. In the same way, addition of HTMA-PFNT to the
samples and excitation with visible-light allowed for the
visualization in red color of the two types of cells (Fig. 6c and
d). CPEs were photostable, preserving their fluorescence
during the acquisition without suffering from photobleaching.

Selective imaging of bacteria over mammalian cells

Once it was proven that the CPEs are able to label and image
bacterial and mammalian cells separately, we explored the
possibility of using them to detect bacterial contamination by
carrying out a preliminary experiment where both types of
cells were together in the same sample. To this end, PBS re-
suspended HeLa cells (100 000 cells per mL) and bacteria
E. coli Top10 F′ (1 000 000 bacteria per mL) were mixed in a
total volume of 300 μL in a microscopy plate. Then, HTMA-PFP
and HTMA-PFNT were added separately (0.2 µM final concen-
tration), and phase contrast and fluorescence microscopy
images were taken 5 min after addition (Fig. 7). In Fig. 7a it is
possible to visualize both populations of bacteria E. coli and

human HeLa cells coexisting in the sample. The image in
Fig. 7b corresponds to the same field as Fig. 7a and was
obtained after excitation with UV-light. The image shows that
HTMA-PFP is able to label both types of cells without, appar-
ently, any preference for one over the other.

Fig. 5 (a) Phase contrast image of GUVs of model bacterial membranes
in the absence of CPEs. (b) Fluorescence microscopy images of GUVs of
model bacterial membranes in the presence of HTMA-PFP and (c)
HTMA-PFNT, recorded upon irradiation with UV- and visible-light,
respectively. (d) Phase contrast image of GUVs of model mammalian
membranes in the absence of CPEs. (e) Fluorescence microscopy
images of GUVs of model mammalian membranes in the presence of
HTMA-PFP and (f ) HTMA-PFNT, recorded upon irradiation with UV- and
visible-light, respectively.

Fig. 7 Microscopy images of human HeLa cells contaminated with bac-
teria E. coli after the addition of HTMA-PFP in phase contrast (a) and
upon irradiation with UV-light (b). Microscopy images of human HeLa
cells contaminated with bacteria E. coli after the addition of
HTMA-PFNT in phase contrast (c) and upon irradiation with visible light
(d). Arrows are included to better visualize the bacteria population.

Fig. 6 Top: Fluorescence microscopy images of bacteria E. coli (a) and
HeLa cells (b) after the addition of HTMA-PFP and irradiation with UV-
light. Bottom: Fluorescence microscopy images of bacteria E. coli (c)
and HeLa cells (d) after the addition of HTMA-PFNT and irradiation with
visible-light.
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It should be noted that the higher fluorescence intensity
coming from the HeLa cells is due to their bigger size, and
this effect masks the fluorescence from the bacteria and
makes more difficult their visualization.

Therefore, in spite of the results obtained with model
systems, the above experiments suggest that HTMA-PFP can be
used as a fluorescent membrane marker, but it is not a good
candidate to selectively recognize and image bacteria over
mammalian cells, at least with the bacterial strains and cell
lines used in this study. Results obtained with HTMA-PFNT
were totally different (Fig. 7c and d). No HeLa cells were
observed after excitation with visible light, but the bacterial
population could be detected. This result indicates that the
CPE was only bound to E. coli without apparently labelling the
HeLa cells. This is a very interesting result which supports the
conclusions obtained for HTMA-PFNT with model membranes
and confirms the potential use of this CPE as a rapid diagno-
stics tool to detect bacterial contamination.

Conclusions

In this study, the ability of the cationic CPEs HTMA-PFP and
HTMA-PFNT to selectively label bacteria over mammalian cells
was explored using fluorescence spectroscopy and microscopy
in model membranes and cells. Experiments performed with
biomimetic LUVs, representative of mammalian and bacterial
membranes, indicate that both CPEs rapidly label the vesicles
but preferentially interact with the bacterial biomimetic mem-
brane model, probably due to electrostatic interactions between
the quaternary amine groups of the CPEs and the anionic
surface of the bacterial membrane. In spite of their similar
structures, HTMA-PFNT is much more selective towards this
type of membrane than HTMA-PFP, as was confirmed from
quenching experiments carried out in samples containing sim-
ultaneously bacterial and mammalian LUVs. The fluorescence
microscopy images obtained from E. coli bacteria and Hela
cells, in separate samples, reveal the ability of HTMA-PFP and
HTMA-PFNT to rapidly label in blue and red, respectively, both
bacterial and mammalian cells. However, in samples containing
simultaneously E. coli bacteria and Hela cells, a different behav-
iour was observed for the two CPEs: HTMA-PFP was able to
label both types of cells without apparently any preference for
one over the other, while HTMA-PFNT was bound only to the
bacteria E. coli. This result indicates that CPE HTMA-PFNT is a
better candidate than HTMA-PFP to selectively recognize and
image bacteria over mammalian cells, and thus could be poten-
tially used as a fast diagnosis tool for detecting bacterial con-
tamination in different samples.
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Theoretical curve in figure 2b and 4b (inset) were obtained by using following equation 

by calculating the theoretical quenching efficiency (expected) :

 expected = (1-It/I0
t) x 100 (eq. S1)

where, I0
t and It stand for the CPEs fluorescence intensities in the absence and presence 

of the quencher, respectively. The values expected for these intensities if the CPE had 

the same preference for both model membranes can be estimated as:

I0
t = (M  IP

M) + (B  IB) 

It = (M  IM  M/100) + (B  IB B/100)

M  and B are the lipid molar fraction of the mammalian and bacterial model systems in 

the mixture, respectively.

 IM and IB  are the fluorescence intensities obtained experimentally from CPE either in 

mammalian or bacterial model membrane, respectively . For HTMA-PFP, the ratio IB / 

IM = 1.35 (Figure 1c), while for HTMA-PFNT, IB/ IM = 1 (Figure 3c).

M and B are the percentage of quenching efficiencies when the sample contains 100% 

of mammalian or bacterial membranes, respectively. These values were M =50% and 

B =92% for HTMA-PFP and HTMA-PFNT in the presence of 50 and 200 µM of AQS, 

respectively (Figures 2a and 4a). 



Figure S1: Fluorescence emission spectra of HTMA-PFNT (1.5 µM) in buffer with 

increasing concentrations of DOPG. Inset: Differences in fluorescence intensity by 

increasing the DOPG concentration compared to DOPC (λexc=510 nm).

Figure S2: Absorption spectra of HTMA-PFP (1.5 µM) in buffer (black), bacterial (red) 

and mammalian (blue) model membranes. 
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